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FOREWORD

There are many definitions of the word aquaculture.
Those concerned with the collation of statistical data
concerning food production through aquaculture tend
to be very specific; they embody the concept of stock
ownership as well as its management, to distinguish
between the harvest from capture fisheries and from
farming. One simpler definition! of aquaculture is the
“cultivation of plants or breeding of animals in water.”
Many different activities fall within this definition. The
farming of aquatic animals and plants for direct or indirect
human consumption is the field with which I am most
familiar but it is clear that this definition of aquaculture
would encompass many other activities, including the
rearing of aquatic animals and plants for and within
public and private aquariums and research facilities, the
production of bait fish, and the hatchery and nursery
rearing of stock intended for fisheries enhancement or
restocking programs. In aquatic food production the word
aquaculture has sometimes erroneously been used to imply
culture in freshwater, while the word mariculture has
been used to refer to culture in seawater. In fact, the word
aquaculture embraces culture in all salinities, ranging
from freshwater through brackishwater and full-strength
seawater to hypersaline water.

The production of an aquaculture encyclopedia at
this moment in history is particularly appropriate, since
the positive and negative impacts of food production
through aquaculture are frequently discussed by scientists
not working in this specific field, by the media, and
by the public. Often, such discussions are marred by
misunderstandings about the various terms utilized. The
public image of aquaculture is not always good. While some
ventures have undoubtedly caused environmental and/or
socioeconomic harm in the past, the emphasis now is on
sustainable aquaculture, which implies responsibility. The
FAO Code of Conduct for Responsible Fisheries includes
many Articles which are specific or related to aquaculture.
Many other attempts are being made to enhance the
responsibility of aquaculture producers, which range
from large commercial enterprises providing products for
domestic and export markets to small-scale rural farmers
seeking to produce family food and income. Attempts to
mollify consumer concern for the environment through the
“eco-labelling” of aquaculture products produced under
responsible conditions are on-going.

1J.B. Sykes (Editor), 1982. The Concise Oxford Dictionary, Oxford
University Press, Oxford, Seventh Edition 1982, Reprinted 1989.

The scale and importance of food production through
aquaculture can be illustrated by a few examples:

e By 1996, more than nine out of every ten oysters,
Atlantic salmon, and cyprinids consumed were
products of aquaculture. Four out of every five
mussels and three out of four scallops were cultured;
27% of all shrimp originate from aquaculture;

e In 1997 (the most recent year for which international
statistics are available), global aquaculture produc-
tion totalled 28.8 million tons of finfish, crustaceans,
and molluscs for direct human consumption, worth
US$45.5 billion; 7.2 million tons of seaweed (worth
US$4.9 billion) were also produced;

e A considerable proportion of the harvest from capture
fisheries is destined for the production of fish meal
and fish oil, which are primarily used by the feedstuff
industry. Capture fisheries production available for
human consumption has been on a plateau or
increased only slowly for many years;

e Aquaculture thus remains the major means of
maintaining current per capita “fish” availability.
It has been estimated that global aquaculture
production will need to expand to 62 million tons
by 2035 to maintain 1993 global average per capita
consumption levels.

The Encyclopedia of Aquaculture will assist the
many scientists, economists, sociologists, administrators,
and politicians who are either directly involved in
aquaculture itself or are concerned with resource use
and environmental matters. The book will also be useful
for those concerned with development and planning
issues. In addition, this book provides information of
relevance to those in the general public who consume
aquaculture products, engage in recreational fisheries
or keep aquariums, as well as those who belong
to organizations concerned with animal welfare and
environmental conservation.

The Encyclopedia of Aquaculture will thus serve as an
essential handy reference book for a very wide audience,
and its Editor-in-Chief and Editorial Board are to be
congratulated on undertaking the task of producing this
unique document. I hope all its readers will find it as
useful as I shall.

MicuaeL B. New
Past President, World Aquaculture Society
Board Member, European Aquaculture Society



PREFACE

Aquaculture is the production of aquatic plants and
animals under controlled or semicontrolled conditions,
or as is sometimes said, aquaculture is equivalent to
underwater agriculture (1). The term mariculture refers
to the production of marine organisms; thus, it is less
inclusive than aquaculture, which relates to both marine
and freshwater culture activities.

A primary goal of aquaculturists has been to produce
food for human consumption. Various species of carp top
the list in terms of aquacultural production. Most of that
production is in China, though India and certain European
nations also produce significant amounts of carp. In
North America, channel catfish farming is the largest
aquaculture industry. Others of importance include trout,
crawfish, and various species of shellfishes. Seaweed
culture as human food is a major industry, particularly in
Japan and other Asian nations.

Supplementing the human food supply is not the
only goal of aquaculturists. Many of the species taken
by recreational anglers are produced in hatcheries and
reared to a size where they can be expected to have
a good chance of survival before being released into
the natural environment. Continuous stocking may be
necessary in some bodies of water, while in others resident
breeding populations may become established. Examples
in North America are largemouth bass, northern pike,
muskellunge, red drum, various species of trout, Atlantic
salmon and Pacific salmon. Many of the fish produced
for stocking purposes are reared in public (state or
federal) hatcheries, but increasingly, private hatcheries
are becoming a source of fish, particularly in conjunction
with stocking farm ponds and private lakes.

The ornamental fish industry depends on animals
caught in the wild and on those produced by aquacultur-
ists. Most of the bait minnows available in the marketplace
come from fish farms. Seaweeds are not only consumed by
people as food, they are also a source of such chemicals
as carrageenan and agar, which are utilized in everything
from toothpaste and cosmetics to automobile tires. Squid
and cuttlefish are not being produced to any extent as
human food, but they are reared as a source of giant
axons for use in biomedical research. An increasing num-
ber of potential pharmaceuticals are being identified from
marine organisms. Culture of various species from a num-
ber of phyla, many of which have held little or no interest
for aquaculture in the past, show promise as one means of
meeting the demand for cancer-fighting and other types of
drugs. A new, and potentially large aquaculture enterprise
could be founded upon such species.

The roots of aquaculture can be traced back to China,
perhaps as much as 4,000 years ago. Many nations have
had some form of aquaculture in place for one or more
centuries, but it is only since about the 1960s that
scientists began to conduct research that brought the
discipline to its current level of development. Since 1960,
typical annual pond production rates have jumped from a
few hundred kg/ha (one kg/ha is approximately equivalent
to one pound/acre) to several thousand kg/ha. Much higher
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rates of production are possible in such water systems
as raceways and marine net-pens, which are known as
intensive culture systems. Ponds are generally considered
to be extensive culture systems.

Improvements in production over the past few decades
have been associated with the development of sound
management techniques that include water quality and
disease control, provision of nutritionally complete feeds,
and the development of improved stocks through selective
breeding, hybridization, and the application of molecular
genetics technology. Many species that could not be
spawned or reared a few decades ago are now being
produced, because of technological breakthroughs, in large
quantities by aquaculturists around the world.

Predicted peaking of the world’s wild capture fishery
at 90 million metric tons (about 99 million short tons)
occurred in 1989 (2). Since that time global wild capture
landings have been relatively stable. Given increasing
demand for seafood, including freshwater aquatic species,
and a stable to declining wild catch, the shortfall must
come from aquaculture. As of 1992, about 18.5% of global
fisheries output was attributable to aquaculture (3), and
while aquaculture production is increasing, there is some
question as to whether the growth of aquaculture can keep
pace with demand.

In 1992, 88.5% of the world’s aquaculture production
came from Asia (3). Because of suitable growing conditions
year round, the vast majority of aquaculture production
comes from low temperate and tropical regions. Rela-
tively inexpensive land and labor, accompanied by large
expenses of undeveloped coastline with abundant sup-
plies of water and few environmental regulations have
contributed to the establishment of much of the industry
in developing nations. Conditions are changing however.
Many of the best areas for aquaculture have been taken,
environmental stewardship is beginning to receive the
attention of governments in many developing countries,
and the once abundant supplies of high quality water
are being fully utilized in many areas. Thus, the face
of the industry is changing. Closed system technology,
which includes continuous water treatment with little
or no effluent, and the development of culture systems
located in the open ocean are seen as technologies that
will provide opportunities for virtually unlimited expan-
sion of aquaculture. Much of the technology for closed
and offshore systems has been developed, but in many
instances employment of that technology has not trans-
lated into economic feasibility. As greater efficiencies in
production are achieved, new species which have higher
market prices are developed, and demand increases, the
economic picture can be expected to improve.

The field of aquaculture encompasses many technical
disciplines and trade as well as business management
and economics. Knowledge of plant and/or animal breed-
ing, animal nutrition, water and soils analysis, surveying,
computer science, pathology, carpentry, plumbing, electri-
cal wiring, welding, and bookkeeping are among the skills
that are required on a working aquaculture facility.
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A good aquaculturist is involved in every aspect of
the activity, from reproduction of the parent organisms
through rearing of the young, to final disposition, whether
that involves direct sales to the public, sales to a processor,
or stocking of public or private waters. The job of
the aquaculturist is not completed until the consumer,
whether a patron at a restaurant, a home fish hobbyist,
or the angler who is using bait minnows, has received the
produce of the aquaculture facility in acceptable condition.

The Encyclopedia of Aquaculture has been designed
for use by both those who have some knowledge of the
field or may even be aquaculture professionals, as well
as for individuals who are interested in learning more
about aquaculture, perhaps with the idea of becoming
involved. Our intent is to provide information that is
readily understandable by people who have at least some
science background, without insulting professionals in the
field. Some topics are mentioned or briefly summarized
in several entries, but when a topic is only given cursory
treatment the reader is referred to one or more additional

contributions that provide more detailed information on
the same topic.

The Encyclopedia of Aquaculture was written by
experts from academia and government agencies and by
practicing aquaculturists in the private sector. Entries
are followed by bibliographies designed to document the
information present, as well as provide readers with an
opportunity to further explore each topic in more depth.

References

1. R.R. Stickney, Principles of Aquaculture, John Wiley & Sons,
New York, 1994.

2. Food and Agriculture Organization of the United Nations,
Fisheries Department, Rome, Italy, 1995.

3. Anonymous, Aquaculture Magazine Buyer’s Guide ’95
pp. 11-22, 1995.

RoserT R. STICKNEY
Bryan, Texas
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CONVERSION FACTORS, ABBREVIATIONS,
AND UNIT SYMBOLS

SI UNITS (Adopted 1960)

The International System of Units (abbreviated SI) is being implemented throughout the world. This measurement
system is a modernized version of the MKSA (meter, kilogram, second, ampere) system, and its details are published and
controlled by an international treaty organization (The International Bureau of Weights and Measures).

SI units are divided into three classes:

BASE UNITS SUPPLEMENTARY UNITS
length meter’ (m) plane angle radian (rad)
mass solid angle steradian (sr) kilogram (kg)
time second (s)
electric current ampere (A)
thermodynamic temperature* kelvin (K)
amount of substance mole (mol)
luminous intensity candela (cd)

Quantity Unit Symbol Acceptable equivalent
volume cubic meter m?
cubic diameter dm? L (liter) (5)
cubic centimeter cm? mL
wave number 1 per meter m!

1 per centimeter cm™!

In addition, there are 16 prefixes used to indicate order of magnitude, as follows:

Multiplication factor Prefix Symbol

1018 exa E
101° peta P
1012 tera T
10° giga G
106 mega M
103 kilo k
102 hecto he
10 deka da®
101 deci de
102 centi c?
1073 milli m
10-8 micro u
10°° nano n
10-12 pico P
10-15 femto f
1018 atto a

¢Although hecto, deka, deci, and centi are SI prefixes,
their use should be avoided except for SI unit-multiples
for area and volume and nontechnical use of
centimeter, as for body and clothing measurement.

For a complete description of SI and its use the reader is referred to ASTM E380.

A representative list of conversion factors from non-SI to SI units is presented herewith. Factors are given to four
significant figures. Exact relationships are followed by a dagger. A more complete list is given in the latest editions of
ASTM E380 and ANSI Z210.1.

T The spellings “metre” and “litre” are preferred by ASTM; however, “-er” is used in the Encyclopedia.

¥ Wide use is made of Celsius temperature (¢) defined by roT
t=T-"Ty

where T is the thermodynamic temperature, expressed in kelvin, and Ty = 273.15 K by definition. A temperature interval may be expressed in degrees

Celsius as well as in kelvin.

Xi



xii CONVERSION FACTORS, ABBREVIATIONS, AND UNIT SYMBOLS

CONVERSION FACTORS TO SI UNITS

To convert from To Multiply by
acre square meter (m?) 4.047 x 103
angstrom meter (m) 1.0 x 10107
are square meter (m?) 1.0 x 10%f
astronomical unit meter (m) 1.496 x 101
atmosphere, standard pascal (Pa) 1.013 x 10°
bar pascal (Pa) 1.0 x 10°°
barn square meter (m?) 1.0 x 10-28%
barrel (42 U.S. liquid gallons) cubic meter (m?) 0.1590
Bohr magneton (up) J/T 9.274 x 10~
Btu (International Table) joule (J) 1.055 x 10°
Btu (mean) joule (J) 1.056 x 103
Btu (thermochemical) joule (J) 1.054 x 103
bushel cubic meter (m?) 3.524 x 1072
calorie (International Table) joule (J) 4.187
calorie (mean) joule (J) 4.190
calorie (thermochemical) joule (J) 4.184F
centipoise pascal second (Pa - s) 1.0 x 10737
centistokes square millimeter per second (mm?/s) 1.0f
cfm (cubic foot per minute) cubic meter per second (m?/s) 4.72 x 10~*
cubic inch cubic meter (m?) 1.639 x 1075
cubic foot cubic meter (m?) 2.832 x 1072
cubic yard cubic meter (m?) 0.7646
curie becquerel (Bq) 3.70 x 1007
debye coulomb meter (C m) 3.336 x 1073°
degree (angle) radian (rad) 1.745 x 1072
denier (international) kilogram per meter (kg/m) 1.111 x 1077
tex* 0.1111
dram (apothecaries’) kilogram (kg) 3.888 x 103
dram (avoirdupois) kilogram (kg) 1.772 x 1073
dram (U.S. fluid) cubic meter (m?) 3.697 x 107°
dyne newton (N) 1.0 x 107
dyne/cm newton per meter (N/m) 1.0 x 1073
electronvolt joule (J) 1.602 x 1019
erg joule (J) 1.0 x 1077
fathom meter (m) 1.829
fluid ounce (U.S.) cubic meter (m?) 2.957 x 1075
foot meter (m) 0.3048"
footcandle lux (Ix) 10.76
furlong meter (m) 2.012 x 1072
gal meter per second squared (m/s?) 1.0 x 10~%F
gallon (U.S. dry) cubic meter (m?) 4.405 x 1073
gallon (U.S. liquid) cubic meter (m?) 3.785 x 1072
gallon per minute (gpm) cubic meter per second (m?/s) 6.309 x 107°
cubic meter per hour (m?3/h) 0.2271
gauss tesla (T) 1.0 x 10~
gilbert ampere (A) 0.7958
gill (U.S.) cubic meter (m?) 1.183 x 104
grade radian 1.571 x 1072
grain kilogram (kg) 6.480 x 1075
gram force per denier newton per tex (N/tex) 8.826 x 102
hectare square meter (m?) 1.0 x 104
horsepower (550 ft - 1bf/s) watt (W) 7.457 x 102
horsepower (boiler) watt (W) 9.810 x 103
horsepower (electric) watt (W) 7.46 x 102
hundredweight (long) kilogram (kg) 50.80
hundredweight (short) kilogram (kg) 45.36
inch meter (m) 2.54 x 1072
inch of mercury (32°F) pascal (Pa) 3.386 x 10°
inch of water (39.2°F) pascal (Pa) 2.491 x 102
kilogram-force newton (N) 9.807
kilowatt hour megajoule (MJ) 3.6
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CONVERSION FACTORS TO SI UNITS

To convert from To Multiply by
kip newton (N) 4.448 x 10°
knot (international) meter per second (m/S) 0.5144
lambert candela per square meter (cd/m?) 3.183 x 10°
league (British nautical) meter (m) 5.559 x 103
league (statute) meter (m) 4.828 x 103
light year meter (m) 9.461 x 10%°
liter (for fluids only) cubic meter (m?) 1.0 x 10737
maxwell weber (Wb) 1.0 x 10787
micron meter (m) 1.0 x 1076F
mil meter (m) 2.54 x 107%°
mile (statute) meter (m) 1.609 x 10°
mile (U.S. nautical) meter (m) 1.852 x 103
mile per hour meter per second (m/s) 0.4470
millibar pascal (Pa) 1.0 x 102
millimeter of mercury (0°C) pascal (Pa) 1.333 x 102
minute (angular) radian 2.909 x 1074
myriagram kilogram (kg) 10
myriameter kilometer (km) 10
oersted ampere per meter (A/m) 79.58
ounce (avoirdupois) kilogram (kg) 2.835 x 1072
ounce (troy) kilogram (kg) 3.110 x 1072
ounce (U.S. fluid) cubic meter (m?) 2.957 x 1075
ounce-force newton (N) 0.2780
peck (U.S.) cubic meter (m?) 8.810 x 1073
pennyweight kilogram (kg) 1.555 x 1073
pint (U.S. dry) cubic meter (m?) 5.506 x 10~*
pint (U.S. liquid) cubic meter (m?) 4.732 x 1074
poise (absolute viscosity) pascal second (Pa - s) 0.107
pound (avoirdupois) kilogram (kg) 0.4536
pound (troy) kilogram (kg) 0.3732
poundal newton (N) 0.1383
pound-force newton (N) 4.448
pound force per square inch (psi) pascal (Pa) 6.895 x 103
quart (U.S. dry) cubic meter (m?) 1.101 x 1073
quart (U.S. liquid) cubic meter (m?) 9.464 x 1074
quintal kilogram (kg) 1.0 x 10%f
rad gray (Gy) 1.0 x 10727
rod meter (m) 5.029
roentgen coulomb per kilogram (C/kg) 2.58 x 1074
second (angle) radian (rad) 4.848 x 1076%
section square meter (m?) 2.590 x 108
slug kilogram (kg) 14.59
spherical candle power lumen (Im) 12.57
square inch square meter (m?) 6.452 x 1074
square foot square meter (m?) 9.290 x 1072
square mile square meter (m?) 2.590 x 108
square yard square meter (m?) 0.8361
stere cubic meter (m?) 1.0
stokes (kinematic viscosity) square meter per second (m?/s) 1.0 x 1074
tex kilogram per meter (kg/m) 1.0 x 10767
ton (long, 2240 pounds) kilogram (kg) 1.016 x 10°
ton (metric) (tonne) kilogram (kg) 1.0 x 103°
ton (short, 2000 pounds) kilogram (kg) 9.072 x 102
torr pascal (Pa) 1.333 x 102
unit pole weber (Wb) 1.257 x 1077
yard meter (m) 0.91447
f Exact.

#This non-SI unit is recognized by the CIPM as having to be retained because of practical importance or use in specialized fields.
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INTRODUCTION

Abalone are herbivorous marine gastropods represented
throughout the world’s oceans by about 70 species. Aba-
lone have traditionally been a highly prized seafood item,
and they were used more than 5,000 years ago by Native
Americans along the Pacific coast of North America for food
and for the manufacture of shell implements and mother-
of-pearl decorations. The earliest fisheries occurred in
China and Japan around 1,500 years ago; and within the
past 50 years, fisheries have developed in every country
with an exploitable abalone resource. Efforts to manage
these fisheries have often been unsuccessful due to a lack
of knowledge of population dynamics and the upswing in
poaching as harvests declined and the abalone became
increasingly valuable. Today, most wild abalone popula-
tions are being harvested at or above maximum sustain-
able yields. This situation provides an excellent opportu-
nity for abalone farming, and considerable effort is under-
way throughout the world to establish abalone farms.

ABALONE CLASSIFICATION AND BIOLOGY

Abalone are in the phylum Mollusca, a predominantly
marine phylum that includes other cultured species such
as clams, oysters, and scallops. They are members of the
class gastropoda which includes snails. All members of the
class are univalves, having one shell, unlike the bivalve

oysters and clams which have two. All abalone belong
in the family Haliotidae and are members of the genus
Haliotis.

The prominent shell of the abalone encases the animal
and the large centrally located muscular foot that is used
to clamp tightly to hard surfaces (Fig.1). In attached
abalone, water enters under the shell, passing through
the mantle cavity and over the paired gills before exiting
through respiratory pores in the dorsal surface. In the head
region, the eyes are located on extended eyestalks; and two
enlarged cephalic tentacles extend anteriorly (Fig. 2). The
mouth is at the base of the head region and houses a
rasp-like radula which is used to scrape food from hard
surfaces or consume macroscopic algae. The mouth leads
to the esophagus and connects to the gut located between
the muscular foot and the shell. The gut wraps around
the foot opposite the gonad and terminates in the mantle
cavity where waste material is released to exit through
the respiratory pores.

A thin mantle and epipodium circle the foot. In a resting
animal, small sensory tentacles on the epipodium are
visible protruding from the shell periphery. Prominent
gonads are visible arcing around about one third of the
foot toward the rear of the abalone. The gonads release
mature gametes into the mantle cavity where they are
broadcast out through the respiratory pores.

The abalone heart is located near the mantle cavity
and pumps oxygenated blood from the gills into the foot
via two arteries. From there it is distributed via smaller
and smaller arterioles to the organs. Returning blood is
collected in a sinus located in the muscular foot and flows in
veins back to the gills. The location of these arteries, veins,
and the blood sinus in the foot make abalone extremely
vulnerable to even small cuts in the foot muscle, which
can cause them to bleed to death.

Cultured Species

Of the approximately 70 species of abalone in the world
there are only 10 that support large commercial fisheries.

4

Figure 1. Red abalone (H. rufescens) showing prominent muscu-
lar foot (35 mm color side).
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Figure 2. Dorsal view of abalone internal organs with shell
removed (California Department of Fish and Game).

Six of those are currently grown in significant numbers.
The primary regions where culture is underway are
indicated in Table 1 (1). The shell lengths listed are
for large wild animals while most cultured product is
marketed at 5 to 20 cm (2 to 4 in.). Many of those listed
and other species have been transported around the world
for research and small-scale growout trials.

Water Quality

Abalone require excellent water quality, which is not
surprising given the clean ocean waters in which they
evolved. Those coastal waters are saturated with dissolved
oxygen and experience fairly stable levels of pH, ammonia,
salinity, and temperature. Optimal growth is temperature-
dependent and varies between life stages and species. The
pH should be around 8.0 and the salinity kept stable
between 32 and 35 ppt. Abalone are poor osmoregulators
and culture tanks should be shielded from excessive
rainfall.

Abalone are very sensitive to hydrogen sulfide, which is
produced by the anaerobic breakdown of dead animals,
uneaten feed, and feces. Reduced growth has been
observed at levels as low as 0.05 ppm HyS. Ammonia is
produced as a metabolite by many aquatic organisms and

Table 1. Principal Cultured Abalone (1)

is toxic to most at levels above 1.0 ppm (un-ionized form).
Abalone are especially sensitive to ammonia, showing
reduced oxygen consumption at levels as low as 10 ug/L
and feeding inhibition at 70 pg/L.

Reproduction and Broodstock

Abalone are dioecious, having separate males and females.
The gametes are fertilized externally (Fig. 3). In mature
abalone, the sexes are easily distinguished with the
male gonads having a cream or pale yellow color, while
the mature female gonad has a green coloration. The
reproductive cycles of abalone are seasonal and related
primarily to water temperature. In temperate species,
gonadal development and gamete production increase
with temperature; while in tropical species, gonadal
development is reduced but not absent at the warmest
times of year (1-3). Spawning induction is generally
easier in smaller animals, and many hatcheries have also
noted that first generation hatchery-reared abalone spawn
more readily than wild broodstock. High fertilization rates
(above 85%) and larval survival (normally greater than
70%) have resulted in relatively moderate broodstock
management requirements.

Abalone are highly fecund molluscs and in temperate
species, female abalone measuring 75 to 100 mm (3 to
4 in.) in shell length and weighing 120 to 150 g (4 to 5 oz)
routinely release 3 to 6 million eggs per spawn. Large
female abalone from temperate waters measuring 20 cm
(81in.) can release over 11 million eggs. Males release

Fertilization

mhore larva
Sperm  Ovum Veliger
larva

j Settlement

Adults Juvenile

Figure 3. Abalone life history (California Department of Fish
and Game).

Shell Length,
Species Common Name [mm (in.)] Primary Region
H. discus hannai Ezo awabi 190 (~7.5) Japan
H. diversicolor supertexta Tokobushi, small 50 (~2) China, Taiwan, Japan
H. iris Paua or black 170 (~7) New Zealand
H. midae Perlemoen 90 (~4.5) South Africa
H. rubra Black lip 130 (~5) Australia
H. rufescens Red 250 (~10) Mexico, Chile, United States
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Table 2. Haliotis rufescens, Cultured and Wild Broodstock Induced to
Spawn from Four Farms in North America in 1996%

Total Number of Abalone Percentage of Abalone
Induced to Spawn that Spawned
Wild Cultured Wild Cultured
Male Female Male Female Male Female Male Female
180 450 540 765 51% +£10 27% +9 43% +8 38% 45

@All farms had been in production for a minimum of two years (mean 7 s.d., n = 4) (8).

copious amounts of sperm, usually more than is required
for breeding purposes in cultured populations. Mature
temperate species can become gravid in the hatchery in
three to four months, while less time is required with
tropical species (1,2,4). The size at first sexual maturity
is about 35 to 40 mm (1.5 to 4 in.) in shell length for
temperate species.

The goal of broodstock management is to provide sex-
ually mature animals in spawning condition throughout
the year and not be reliant on wild broodstock; however,
many farms still utilize some wild broodstock to main-
tain production and genetic diversity (Table 2). Currently
about one-half of the abalone production broodstock are
from wild populations. Maintaining genetic diversity is an
important issue as high fecundity allows relatively small
numbers of broodstock to meet hatchery needs, and this
could result in inbreeding and genetic drift (9—11). The
control of abalone reproduction and spawning induction
techniques were developed during the 1970s (5,6). Repro-
ductively mature abalone are induced to spawn by using
ultraviolet irradiated seawater at low seawater flows, 180
to 200 ml (6 to 7 0z), or by introducing hydrogen per-
oxide (5 M) to seawater. Other treatments that may be
utilized to induce spawning are desiccation or temperature
changes (2). Mature eggs are extruded from the gonads
and released through the respiratory pores. Extruded eggs
are collected and rinsed prior to being resuspended in sea-
water and the addition of sperm to achieve a concentration
between 10° and 10® sperm/mL.

Broodstock abalone are maintained separately by sex
at low density with a continual supply of feed. Many
farms also supply broodstock with a diverse algal diet
in addition to the kelp provided to production tanks. In
Australia, China, Japan, and New Zealand, abalone reared
and maintained on prepared diets have been successfully
induced to spawn. The control of broodstock conditioning
varies among species, but the primary needs are a
balanced diet, good quality seawater, and appropriate
temperature and photoperiod. In addition, every effort is
made to avoid exposure to potential pathogens and reduce
stress related to handling and tank maintenance.

In North America, red abalone (H. rufescens) broodstock
measuring 8 to 12 cm (3 to 5 in.) are held at low density in
tanks supplied with seawater at ambient temperature
and photoperiod. They are fed a variety of red and
brown algae and are able to digest both (2,7). Broodstock
are tagged to maintain records of individual spawnings,
fecundity, and performance of progeny. Monitoring this
early performance is especially important in an animal
with a four-year production cycle. Correlating early growth

with overall performance is an important management
tool in some shellfish farming enterprises (13). In South
Africa, H. midae broodstock are conditioned in a similar
system but sexually mature individuals become gravid
approximately 20 months after spawning, suggesting a
two-year reproductive cycle for that species.

In Japan, hatcheries hold H. discus hannai in tanks
with a controlled photoperiod of 12 hours of light and
12 hours of dark. The water temperature is maintained at
20°C (68°F) and seawater flow rate is around 800 L/hr.
Japanese hatchery managers routinely hold broodstock at
elevated temperatures for maturation and utilize lower
temperatures to inhibit spawning in gravid adults until
fertilized eggs are required in the hatchery (2).

The difference in the two systems results largely from
the natural reproductive cycles of the two species. In
wild populations of H. rufescens, gravid, sexually mature
individuals are found year round, while H. discus hannai
from Japanese waters exhibit a seasonal reproductive
cycle. Gravid H. discus hannai are found in summer
months, and the elevated broodstock holding temperatures
maintain animals in spawning condition throughout the
year. As a general rule, broodstock abalone should be
maintained in conditions similar to those in the ocean
where sexually mature gravid individuals are found. The
spawning areas used by northern and southern abalone
species are well documented (2).

Larval Rearing and Settlement

Eggs are collected after spawning and fertilization and
subsequently held for 24 to 36 hours in a static system.
During that time, the microscopic larvae develop to the
trochophore stage and hatch out of the egg membrane. The
remainder of larval rearing is done by using either flow-
through or static systems (Fig. 4). Flow-through systems
typically incorporate tanks from 20 to 500 L made of plastic
or fiberglass for ease of cleaning. They are supplied with
UV-treated 1 um filtered seawater. Banjo screens of 90 or
100 um are placed at the seawater outflow to retain the
larvae which are generally 220 to 260 um in diameter (14).
The design was first developed in New Zealand and
consists of a piece of large diameter plastic pipe attached to
the overflow drain (Fig. 4) with 90 to 100 um screen glued
to both ends. The screens provide enough surface area
so that the current does not impinge larvae. Flow rates
are also low to prevent the weakly swimming larvae from
damage in the tanks and on the screens. Gentle aeration
is sometimes provided to the larval rearing containers.
In static systems, water changes are done one to three
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Figure 4. Abalone larval rearing tank with banjo screen.

times per day by flushing the tank or gently collecting the
larvae on screens and transferring them to clean rearing
containers.

Abalone have swimming planktonic larvae for five to
seven days depending on temperature. Temperate and
tropical abalone larvae are reared at 13 to 15°C and 23 to
26 °C, respectively. If excessive bacterial growth develops,
larvae are collected on screens and transferred to a clean
rearing tank. Healthy larvae swim in a spiraling fashion
upward, then drift down, then swim up again. Larval
survival is usually around 70% and production ranges from
500,000 to 35 million, depending on the size of the facility.

At the end of the larval rearing period, “competent”
planktonic veliger larvae settle on a hard substrate and
metamorphose into a crawling benthic juvenile form.
Morphological changes include development of the radula,
protrusion of the sensory cephalic tentacles, and loss of the
swimming organ known as the velum. Behavioral changes
signalling the onset of settlement include intermittent
swimming and crawling behavior and settlement of some
animals at the water line of the rearing container. When
these changes are observed, larvae are ready to be placed
into the settlement tanks used for their early growth and
feeding (2).

Larval Settlement and Nursery Rearing

Indoor and outdoor settlement tanks are used for abalone
larvae. Settlement may be enhanced using y-aminobutyric
acid (GABA), diatoms, a diatom/bacterial film or mucous
trails of adult abalone (2). When GABA is used, the tanks
are cleaned, 1um filtered seawater is introduced, and
GABA is added to achieve a 10~ M concentration (15).
Abalone larvae are then introduced at 2 to 5 larvae/cm?
of tank surface area. Settlement tanks utilize vertically
placed plastic or fiberglass sheeting to increase settlement
surface area. Tanks are left static for 12 to 24 hours and
then a low flow rate, usually about 1 L/min (0.26 gal/min),
is started. The young abalone are very active crawlers

and begin feeding during the first ten days after
settlement (16). They require microalgae of 10 um or less
in size for the initial feeding. The radula width of H. rubra
at six weeks of age is 9 to 11 um, suggesting that this may
be a good indicator of optimum diatom or feed size (17).

Diatom cultures are maintained at some commercial
farms, while others use only coarse filtration when filling
settlement tanks allowing natural diatom populations
to settle and grow on tank walls. A light diatom film
is desirable and sunscreen covers are used to manage
sunlight intensity as a means of regulating diatom growth
rates. The correct species and thickness of the diatom
film on the tank walls are critical to early survival
and growth (18,19). Newly settled animals can become
entangled in heavy diatom films that are conducive to the
growth of bacteria and protozoans.

Artificial diets are sometimes used after three months
when the abalone are about 2 mm in shell length and
have formed their first respiratory pore. A thin bladed red
algae, Palmaria mollis, is also cultured at some farms for
young abalone (20,21).

Nursery tanks are rectangular or round and vary from
180 to 1,000 L (47 to 264 gal). Nursery systems also use
vertical substrates similar to those used in settlement
tanks, but of different dimensions to accommodate the
tank and increased abalone size. In Japan, a series of
corrugated fiberglass sheets are held in a plastic-coated
rigid metal frame suspended in large tanks (2). Abalone
are maintained for approximately four to six months in the
nursery area of the farm. Tanks are drained and rinsed
every one to three weeks depending on abalone grazing
rates and diatom growth. The tanks are gently rinsed with
seawater, and dislodged abalone are collected on screens
at the outflow.

At the end of the nursery period the 6 to 10 mm abalone
have a strong radula capable of scraping large macroalgae
or prepared diets. They are transitioned to those diets
in the nursery system or in 0.2 m® (6.2 ft®) plastic mesh
baskets suspended in large production tanks. Abalone
are stocked at high densities of around 2,500 per basket,
and the baskets are packed with macroalgae, placing the
abalone in close proximity to the new food source.

Production of abalone from nursery systems has greatly
increased over the past ten years. Some hatcheries are
vertically integrated with growout facilities, while other
farms lacking hatcheries purchase larvae for growout.
Production of abalone is generally not a constraint to
commercial production.

GROWOUT SYSTEMS

Growout systems are located on land with tanks and
seawater pumping systems, or they are in-water facilities
that use long lines or rafts to support cage structures.
Land-based growout facilities utilize concrete or fiberglass
tanks. As in the nursery systems, vertical panels placed in
the tanks slightly above the tank floor provide additional
surface area. Some growout tanks have “V” shaped
bottoms or false bottoms to allow rapid removal of feces.
In-water cages constructed of heavy extruded plastic
mesh and screened plastic barrels are also used and



contain added vertical substrate. A unique abalone farm
is located in South Australia, where cages hold abalone
on the seafloor and trap the drifting algae transported by
currents. Growout systems involve substantial amounts
of labor, power, and feed whether they are land-based
or in-water facilities (22). Abalone are held one to
three years in production systems depending on the
species, growth rate, and market size preference. Farmed
abalone are usually transported and sold live in the
marketplace (23).

In North and South America, the giant kelp Macrocystis
pyrifera is the main feed used on abalone farms.
The northernmost farms use the bull kelp, Nereocystis
luetkeana. Other kelp and mixed macrophyte species
provide most of the feed used in other abalone producing
regions throughout the world. Abalone generally prefer
red and brown macrophytes, and they have developed
enzymes that lyse the cells walls of their preferred algal
species (1,26,31-33). Prepared diets are also used in
many production systems, most often for small nursery
animals.

In Australia, Japan, New Zealand, and South Africa,
some producers rely exclusively on prepared feeds,
although this generally increases production costs com-
pared with using harvested kelp (7). While prepared feeds
are more expensive, there are considerable labor savings
because those feeds are consumed at 2 to 7% of body
weight compared with 10 to 30% for natural algal diets.
Manufactured diets also have a more reliable composition
and provide for more consistent growth (1,7).

Abalone are fed kelp once or twice a week based on
seawater temperature, season, and consumption rates.
Prepared diets are fed in small amounts daily or every few
days. As feed quality deteriorates, it is important to replace
it with fresh feed. Toxic hydrogen sulfide and ammonia
levels can result if kelp is left to decompose in culture
tanks, especially at high water temperatures. Growout
tanks are drained and rinsed as needed to remove excess
fecal material.

Land-based nursery and growout systems use aeration
as do some ocean barrel culture operations. Maintaining
near saturation levels of dissolved oxygen is essential
as abalone will crawl out of tanks with reduced oxygen.
Vigorous aeration also serves to distribute feed to all the
animals.

NUTRITIONAL REQUIREMENTS OF ABALONE

Abalone require different foods at different life stages
for optimal growth and development. Larval abalone do
not feed, although they may absorb some nutrients from
seawater (25). Rapidly growing young abalone require
higher levels of protein and energy than adults (26). Young
abalone actively graze surfaces, removing algal and biofilm
nutrients from the substrate. Adult wild abalone primarily
consume drift kelp, feeding opportunistically as food drifts
their way (27-29).

Development of cost-effective artificial diets will
foster continued expansion of abalone aquaculture, and
researchers have made significant progress in developing
diets that are water stable, nutritionally complete,
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palatable, and accessible. Knowledge of the specific
nutritional requirements of abalone has resulted in diets
containing about 30% protein in the form of defatted
soybean meal, casein or fish meal. Lipids range from 3
to 5% of prepared diets and the source is usually fish or
vegetable oil. Lipids must be stabilized with an antioxidant
such as Vitamin E. Abalone require eicosapentanoic
(20:5n-3) and docosahexanoic (22:6n-3) fatty acids in
their diet. Carbohydrates comprise 30 to 60% of prepared
diets and also act as a binder to maintain stability and
retard nutrient leaching into the water. Corn and wheat
are common sources of carbohydrate. Crude fiber is not
readily digested by abalone and generally comprises from
0 to 3% of formulated diets. (7).

Cues that initiate feeding in abalone are not well
understood. Abalone feed primarily at night and not all
animals will feed on a given night. Because of our poor
understanding of feeding behavior and to ensure constant
access to food, growers often provide about twice the
amount of food the abalone will consume and must be
diligent in removing decomposing uneaten feed (30).

Growth

Abalone growth rates are generally slow and variable
among individuals and species. From metamorphosis to
development of the first respiratory pore at 60 to 90 days,
growth is approximately 1 to 1.5 mm/month and the shells
are 2 to 2.5 mm long. Growth is rapid for the next 8
to 10 months at 1.5 to 3 mm/month. During this growth
phase, the young abalone graze microalgae and mixed
biofilms from tank surfaces. Prepared diets with particle
sizes between 50 and 300 um are used during the latter
part of that growth phase (1,7,14,34—-37).

Some exceptional growth rates have been observed in
the tropical species H. assinina. Growth of up to 4 to 5 cm
the first year are common (2,38). The subtropical abalone,
H. diversicolor supertexta, average 6—7 cm at two years
of age in aquaculture systems in Taiwan. After the first
year of accelerated growth, abalone growth rates decrease
to 1 to 1.6 mm/month (1,39). Some wild H. rufescens
populations have shown 5.5 mm/month growth in the
summer and 2.5 mm/month in winter, an annual average
of 3.5 mm/month for large abalone. H. discus hannai
reaches 3 cm in 18 months in aquaculture systems and
9 cm in four years in nature.

Variable growth rates are common in abalone but the
underlying causes are often unknown (40). There appears
to be a genetic component as slow and fast growing
abalone maintained their respective growth rates when
reared under identical conditions (41). Other factors that
influence abalone growth in aquaculture systems are
temperature, density, photoperiod, salinity, oxygen, and
food intake.

A constant or elevated seawater temperature increases
growth in some abalone species (1,42). H. tuberculata grew
18 mm/yr when reared in 20°C (68°F) seawater (43). H.
fulgens shows enhanced growth when reared in seawater
above 20°C (68°F) and H. discus hannai will double
normal growth rates to reach 6 cm in 2 years when raised
at elevated temperatures. Warm water reduces the time
for production of 1 to 2 cm H. rufescens from one year to
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six months when the young abalone are raised in 23°C
(73 °F) compared to 16 °C (61 °F). Low temperature reduces
growth by affecting feeding rate and duration as well as
food absorption (44,45).

Abalone form localized high density aggregations
in culture systems that may affect their growth and
nutritional status. High stocking densities reduce abalone
growth in aquaculture systems (33,37). H. diversicolor
supertexta measuring 15 mm exhibited reduced growth at
densities greater than 500/m?. Other detrimental effects
included shell erosion and splits in the shell where the
respiratory pores are normally located.

HUSBANDRY AND HEALTH MANAGEMENT

A hard rule in animal husbandry is to minimize
stress when it is economically feasible to do so. To
accomplish this with abalone means providing clean, well-
oxygenated seawater at a stable temperature that is free
of ammonia and other contaminants. Larvae and young
juvenile abalone in settlement tanks are very sensitive
to temperature changes, and as little as a 2°C (36°F)
temperature change may cause mortality of H. rufescens
larvae (35).

Good-quality feeds in sufficient quantity should be
regularly available and decomposing feed should be
removed. Often production and broodstock tanks require
cleaning to prevent populations of copepods, nematodes,
or harmful bacteria from flourishing. Animals should be
kept moist and handled as little as possible during this
maintenance. When handling abalone, always lift them
from the substrate with a lifter that does not cut the foot as
small cuts can result in animals bleeding to death. Lifting
abalone from the posterior end of the shell is essential to
avoid damage to delicate tissues and organs in the gill and
head region (23).

Since abalone are active and feed primarily at night,
it is necessary to walk around the growout tanks each
morning to check for animals that may have inadvertently
crawled out and fallen to the ground. This is also an ideal
time to check all tank flows and aeration systems. Cage
culture systems have similar husbandry requirements and
must also be kept free of excessive fouling organisms that
restrict water circulation.

Every effort should be made to prevent the introduction
and spread of disease. Broodstock, hatchery, and produc-
tion growout systems should be isolated from one another.
Care should be taken not to mix populations and animals
should not be moved between tanks. Similarly, equip-
ment should be disinfected if used in different areas of a
farm. If importing broodstock or seed abalone for growout,
a shellfish pathologist should examine the population to
determine with reasonable certainty that infectious agents
or parasites are absent.

FUTURE CONSTRAINTS AND OPPORTUNITIES

The primary constraints to the continued growth and
success of the abalone industry are the need for
an economical manufactured feed and management of

pathogens and parasites. The industry also needs to
domesticate broodstock and begin a genetic selection
program to enhance growth and other production traits
while eliminating the need for wild broodstock.

Recently, prepared diets have been used throughout the
entire culture cycle in Australia where restrictions on algal
harvest and phenolic compounds unpalatable to abalone
prevent the use of brown macroalgae (24). There are a
number of companies now producing manufactured feeds,
and as more is learned about nutritional requirements and
feed formulation, it is hoped these diets will become more
cost effective. When this happens, many new production
areas distant from major kelp resources will open up. This
will include tropical regions that can benefit from the fast
growth rates observed in H. assinina.

Pathogens such as sabellid worms and rickettsial
bacteria are associated with withering syndrome in
California black and red abalone and must be managed
so they do not significantly impact growers. Proper
management and husbandry techniques using specific
pathogen-free broodstock and seed abalone should allow
the industry to avoid significant losses from these and
other potential pathogens.

Genetic improvements achieved by selection, ploidy
manipulations, and transgenic technologies have the
potential to improve the performance of abalone in culture
systems. Some of this work has begun but is not yet near
commercial application (12).

The abalone industry will continue to expand as new
technologies develop and are incorporated into farming
systems. The high demand coupled with stable or declining
fisheries ensures that the market will continue to grow and
provide opportunities for abalone growers throughout the
world.
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In aquatic culture systems, many of the important water-
quality parameters are the levels of dissolved gases, such
as oxygen, carbon dioxide, hydrogen sulfide, ammonia,
and nitrogen. Aeration, or the addition of dissolved oxygen
(DO), is one of the processes most commonly used in
aquaculture. The maintenance of environmental quality
requires control of levels of dissolved gas. The “best”
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aeration system for a given application depends on site
conditions, production schedules, the layout of the rearing
units, and operational procedures. The design of an
aeration system must consider the potential impacts on
all the dissolved gases in solution.

TYPES AND CONFIGURATION OF AERATORS

Each aeration device can be classified as either surface,
subsurface, or gravity. If the source of oxygen is enriched or
pure oxygen gas rather than air, the units are called “pure-
oxygen aerators”; these units are covered in a separate
entry, pure oxygen systems.

Types of Aerators

Surface aerators spray or splash water into the air and
thus transfer oxygen from the air into the water. The
major types of surface aerators are shown in Figure 1.
Subsurface aerators mix water and air together in an
aeration basin and transfer oxygen from air bubbles into
the water. The major types of subsurface aerators are
shown in Figure 2. Gravity aerators are a special type of
surface aerator that use gravity rather than mechanical
power to transfer oxygen. This type of aerator is com-
monly used in flow-through systems where adequate head

(@) .,

— A
—\

oS
(c)
AR
Figure 1. Typical surface aerators: (a)floating aerator;

(b) surface aerator with draft tube; (c)brush, rotor, or
paddlewheel aerator.

is available. The major types of gravity aerator are shown
in Figure 3.

Aerator Configuration and Location

Depending on system configuration and on operational
limitations, aerators may be placed at different locations
(Fig. 4). The aerators may be located in the influent stream
(Figs. 4a, 4b, and 4c¢), the recycle stream (Figs. 4e and 4f),
or the rearing unit (Fig. 4d). In the recycle configuration
(Figs. 4e and 4f), the recycle flow may be several times
larger than the influent flow. In a side-stream system
(Figs. 4b and 4c¢), only part of the water flow passes through
the aeration system.

SOLUBILITY OF GASES IN WATER

The solubility of a gas in water depends on its temperature
and composition, the salinity of the water, and the
total pressure. The air solubility of oxygen at 1 atm
(C%60), as a function of temperature, is listed in standard
references (1,2); it may be adjusted to other barometric
pressures by the following equation:

. (BP-P,)
¢ = Cro (760 — P,,) W

where

C* = air-solubility of oxygen (mg/L),
BP =local barometric pressure (mm Hg),
Ceo = air-solubility of oxygen at 760 mm Hg (standard
conditions), and
P, =vapor pressure of water (mm Hg; Reference 1).

Equation 1 is limited to the computation of saturation
concentration for air; information for the computation of
the saturation concentration of gases other than air can
be found in standard references (2). In many aeration
systems, hydrostatic head is used to increase the pressure
at which gas transfer occurs. A depth of approximately
10 m (30 ft) will double the solubility of a gas.

DISSOLVED-OXYGEN CRITERIA IN INTENSIVE CULTURE

Low-Dissolved-Oxygen Criteria

The growth of fish is not affected until the dissolved
oxygen (DO) drops below a critical concentration. This
critical concentration is influenced by temperature and
by feeding level; it ranges from 5 to 6 mg/L (ppm) for
salmon and trout (Salmonidae) and from 3 to 4 mg/L (ppm)
for warm-water fish such as channel catfish (Ictalurus
punctatus) (3,4). The use of oxygen supplementation can
also increase survival and improve fish health and quality.
Some of the beneficial effects of oxygen supplementation
may be due to the stripping of chronic levels of gas supersa-
turation.
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(b) Low DO water—»
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Figure 2. Typical submerged aerators: (a) diffused, (b) U-tube, (¢) aerator cone, (d) static tube, (e) air-lift, (f) venturi, (g) nozzle.

High-Dissolved-Oxygen Criteria

The maximum allowable DO level depends on several fac-
tors, including oxygen toxicity, physiological dysfunctions,
and developmental problems. While oxygen is required
for the survival of aerobic organisms such as fish, some
of the by-products of oxygen metabolism are highly toxic
and can overwhelm biochemical defense mechanisms. On
the basis of oxygen toxicity considerations, a preliminary
maximum oxygen partial pressure of 300 mm Hg has been
suggested (5). This corresponds to a dissolved-oxygen con-
centration equal to 21 mg/L (ppm) at 12°C (54°F) and
16 mg/L at 25°C (77 °F).

The addition of high concentrations of dissolved oxygen
can increase the total gas pressure (6). The amount of

increase in the total gas pressure depends strongly on the
type of aeration unit used and its operating conditions.

Limitations on Maximum Oxygen Consumption

In high-intensity flow-through systems, cumulative oxy-
gen consumption (7) is an important measure of system
intensity. The cumulative oxygen consumption (COC) rate
for a single rearing unit is equal to the amount of oxygen
consumed (DO;, — DOyyt). For a serial reuse system, the
cumulative oxygen consumption for the overall system is
equal to the sum of the oxygen consumed in all of the units.

The utilization of oxygen produces both carbon dioxide
and ammonia. The depletion of oxygen may not always
be the most severely limiting parameter; when ammonia
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Figure 3. Typical gravity aerators: (a)corrugated inclined plane, (b)lattice, (c) cascade,
(d) packed column, (e) spray column, (f) tray or screen.
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Figure 4. Location of aerators: (a) influent; (b) influent, side-stream mode with single point of
return; (c) influent, side-stream mode with multipoint return; (d) in-unit; (e) recycle, single point
of return; (f) recycle, multipoint return.

or carbon dioxide is more limiting, aeration will have GAS TRANSFER

little effect on carrying capacity (8). Maximum cumulative

oxygen consumption (COC), based on limitations due The rate at which a slightly soluble gas such as oxygen
to pH, dissolved oxygen, and un-ionized ammonia, is is transferred into water is proportional to the area of
presented in Figure 5 for water-quality criteria typical the gas-liquid interface and the difference between the

in salmon and trout culture. saturation concentration and the existing concentration of
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Figure 5. Maximum cumulative oxygen consumption (mg/L) as
a function of equilibrium pH, (pH of a solution in equilibrium
with the atmosphere). At low pHe, COC is limited by the pH
criteria; at intermediate pHg, by the dissolved-oxygen criteria; at
high pH,, by the un-ionized ammonia criteria (8).

the gas in the water (9):

dC

T =K;.a(C*-C) 2)
where
dc .
s rate of mass transfer (mass/time),
K;, =overall liquid-phase mass-transfer coefficient

(length/time),

a = area of interfacial contact between gas and liquid
(length?/length?), and

C* =saturation dissolved-gas concentration at a given

temperature, pressure, and mole fraction
(mass/volume),

C = current dissolved oxygen concentration
(mass/volume).

A positive gradient (C* — C) transfers oxygen into the
liquid phase; conversely, a negative gradient transfers
oxygen into the gas phase. The transfer rate can be
increased by increasing the value of Ki, a, or C*. In
many systems, it is not possible to determine K; and a
independently, and these two variables are combined to a
single term (Kpa).

STANDARDIZED AERATOR TESTING UNDER CLEAN
WATER CONDITIONS

Standardized testing and rating procedures for in-basin
aerators have been developed for wastewater applications.
These standards are helpful, but their use in aquaculture
systems may not always be the most accurate or valid
means of rating aerators.
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Unsteady-State Testing

Unsteady-state testing procedures (10) are conducted
under standard conditions in an experimental test basin.
Some test basins are as large as 3,000 to 6,000 m? (4,000
to 8,000 yd?) and can be used to test aerators as powerful
as 50 to 100 kW (70 to 140 hb). Typically, a solution of
sodium sulfite and cobalt chloride is used to deoxygenate
the water by chemical oxidation. The aerator is then
started, and the dissolved-oxygen is measured periodically
until the saturation concentration is approached. This
testing procedure is termed the unsteady-state test, as the
amount of oxygen transferred and the dissolved-oxygen
concentration are changing during the test.

Fundamental to the rating of in-basin aerators is
the experimental determination of Kra (Eq. 2) and the
computation of the standardized oxygen transfer rate
(SOTR). The SOTR is the maximum rate of transfer into
water having a dissolved-oxygen concentration of zero
mg/L (ppm), at 20 °C (68 °F), 760 mm Hg; it is expressed in
kg/hr (Ib/hr). In older literature, this parameter is referred
to as N,. The standardized aeration efficiency is expressed
as follows:

SOTR

in

SAE =

3

where

SAE = standardized aeration efficiency
(kg Oo/KW . hr, 1b Oy/hp . hr),
SOTR = standardized oxygen transfer rate (kg/hr,
1b/hr), and
P;,, = power input (kw, hp).

The power input should be the measured wire power, that
is, the total power actually used by the entire system:
(a) motor, drive, and blower; or (b) motor, coupling, and
gearbox (11). The standardized oxygen transfer efficiency
is equal to the oxygen transferred into the water divided
by the mass flow rate of oxygen supplied to the aerator:

SOTR
m

OTE, = 4

where

OTE, = standardized oxygen transfer efficiency (%),
SOTR = standardized oxygen transfer rate (kg/hr,
Ib/hr), and
m = mass flow rate of oxygen (kg/hr, Ib/hr).

SOTR, OTE,, and SAE are reported for aerators and can
be used to compare different types or brands of aerators.
The standardized procedure for the determination of Ka
reduces the uncertainty in aerator rating and allows more
meaningful comparisons between units. Unfortunately,
standards for the rating of aerators change from country to
country. In Europe, for example, the standard temperature
used in the computation of SOTR and SAE is 10°C, rather
than the 20 °C used in the United States.
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For design, it is necessary to estimate the performance
of a specific aerator under field conditions. The values of
SOTR, OTE,, and SAE cannot be used directly for design.

Steady-State Testing

For a number of gravity aerators (such as packed columns),
both the input and the effluent oxygen concentrations can
be directly measured. For these types of aerators, the field
oxygen transfer rate, field aeration efficiency, and field
oxygen transfer efficiency can be computed directly from
the following three equations. The field oxygen transfer
rate is calculated as follows:

OTRy = 3.6Qw (DOout — DOin) (5)

where

OTRf = oxygen transfer rate under field conditions
(kg/hr),
Q., = water flow (m?/s),
DO,y = effluent DO concentration (mg/L), and
DOj, =influent DO concentration (mg/L).

The field aeration efficiency (FAE) is calculated as follows:

OTR,

FAE = P

(6)

where

FAE =field aeration efficiency (kg Oo/kW . hr, 1b
Oy/hp . hr),
OTR; =oxygen transfer rate under field conditions
(kg/hr, Ib/hr), and
P;, =Power input (kw, hp).

The field oxygen transfer efficiency (OTEy) is calculated as
follows:

OTE; = = ()

where

OTE; = oxygen transfer efficiency under field
conditions (%),
OTRf = oxygen transfer rate under field conditions
(kg Oq/hr, Ib Og/hr), and
m = mass flow rate of oxygen (kg/hr, 1b/hr).

For some types of atmospheric gravity aerators, m can not
be measured, and the aeration effectiveness (12) has been
used as a rating parameter, calculated from the following
equation:

Cout - Cin

AF =
l: C* — Cin

} x 100 8)

where

AF = aeration effectiveness under field conditions (%),
C,ut = effluent dissolved oxygen concentration
(mg/L, ppm),
Ci, = influent dissolved oxygen concentration
(mg/L, ppm), and
C* =saturation dissolved oxygen concentration
(mg/L, ppm).

In the unsteady-state tests, the performance of an aerator
was rated under standard conditions. In steady-state tests,
unless the actual test conditions are equal to the standard
conditions, these test results must reduced to standard
conditions for comparison of performance values. The
interrelationship of standard and field conditions will be
presented in the next section.

PERFORMANCE AND RATING OF AERATION SYSTEMS
UNDER FIELD CONDITIONS

Values of SOTR, SAE, and OTE, are computed for water
at 20°C (68°F), 760 mm Hg, and having zero dissolved
oxygen; therefore, they cannot be used directly for the
design of aquatic culture systems. Actual performance
under field conditions depends primarily on the required
dissolved oxygen concentration (C) and to a lesser extent
on temperature, on pressure, and on water characteristics.
The rating of aerators under field conditions requires
the computation of the oxygen transfer rate under field
conditions (OTR;), the field aeration efficiency (FAE),
and the oxygen transfer efficiency under field conditions
(OTEy). The computation of these parameters assumes
that the field installation is identical to the unit tested
under standard conditions. The interrelationship between
the rating and the field parameters is presented in the
following table (10):

Standard Field

Parameter Parameter Units
K;a(20°C) Kra(t) 1/hr

SOTR OTRy kg Og/hr (Ib Og/hr)
SAE FAE kg O2/kWehr (Ib Og/hp.«hr)
OTE, OTEf %

Characteristics of Culture Water

Alpha (). The effects of water characteristics on oxygen
transfer are corrected for by the alpha factor, which can
be calculated as follows:

K;a—field conditions

)

“= K;a—standard conditions

Here K;a = volumetric mass transfer coefficient (1/hr).
The value of « depends primarily on the concentration
of surfactants in the water. In production catfish ponds, o
ranged from 0.66 to 1.07 and averaged 0.94 (12). In recycle
systems, « values as low as 0.36 have been measured
following feeding (13). The depression of o appears to be



caused by the leaching of soluble compounds from feed or
from compounds produced by algae.

Beta (B). The effects of water characteristics on oxygen
solubility are corrected for by the beta factor, which is
computed as follows:

_ C*—field conditions
" C*—standard conditions

B (10)
Here C* = saturation DO concentration.

The beta factor is influenced primarily by dissolved
solids and to a lesser extent by dissolved organics and
suspended solids. In wastewater, beta values typically
range from 0.95 to 1.00 (14,15). Beta values for aquaculture
conditions are unavailable.

Theta (®). The theta factor is used to correct Kpa
for changes in viscosity, surface tension, and diffusion
constants all as a function of temperature (15). The
temperature variation of Kza is compensated for as
follows:

Kat) = K.a(20°C)@¢ 200 (11)

where

20°C (68°F) is the standard temperature and ¢ is
the field temperature (°C)

A value of 1.024 is recommended (15).

Computation of Field Oxygen Transfer Rate (OTRy)

The field oxygen transfer rate (OTR;) is the rate of oxygen
transfer under field conditions. It is derived as follows:

@(1.024¢29)(BC* — C)
9.092 } (12)

OTR; = SOTR {

where

OTRf =field oxygen transfer rate (kg/hr),
C = minimum dissolved oxygen concentration
(mg/L, ppm), and
9.092 = dissolved-oxygen concentration at
standard conditions (mg/L, ppm).

The computation of the field oxygen transfer rate (OTR;)
requires (1) SOTR, (2) @ and B for the particular water
condition, (3) local water temperature, and (4) C.

Computation of Field Aeration Efficiency (FAE)

The field aeration efficiency (FAE) is the oxygen
transfer/unit power input under field conditions. It is
derived as follows:

13)

(t—20) *
FAE — SAE {a(1.024 )(BC C)}

9.092

Here the symbols are as defined for Equations 6, 9,
10, 11, and 12. The impact of hydrostatic pressure on
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the saturation concentration C* have been ignored in
Equations 12 and 13. These corrections may be significant
for aerators submerged in deep aeration basins (10).

PROCESS SELECTION AND DESIGN

A wide range of aeration devices are available for
aquaculture. The actual type selected will depend on a
variety of factors related to the characteristics of the
aerator, the culture system, the site conditions, and system
operations. It should be noted that aerator selection
may require serious trade-offs between some of these
parameters. Many of these tradeoffs may be difficult
to quantify, especially if the long-term objectives of the
culture system are not well-defined or the oxygen demand
of the system changes significantly over the production
cycle.

Field Aeration Efficiency

Standardized aeration efficiencies (SAE) for some aerators
commonly used in aquatic systems are listed in Table 1.

Table 1. Typical Standardized Aerator Efficiency (SAE)
for Aerators Used in Aquaculture (adapted from 16)

Type SAE (kg O9/kW .hr)®

Surface Aerators

Low-speed surface 1.2-24
Low-speed surface with draft tube 1.2-24
High-speed surface 1.2-24
Paddlewheel

Triangular blades 2.7-2.9

PVC pipe blades 1.2-1.9

Tractor powered 1.3-2.0
Gravity Aerators
Cascade weir (45°) 1.5-1.8
Corrugated inclined-plane (20°) 1.0-1.9
Horizontal screens 1.2-2.6
Lattice aerator 1.8-2.6
Packed column

Zero head 1.2-24

0.5-1.0 m head 10-80°
Aeration cone 2.5
Submerged Aerators
Air-lift pump 2.0-2.1
Diffused air

Fine bubble 1.2-2.0

Medium bubble 1.0-1.6

Coarse bubble 0.6-1.2
Nozzle aerator 1.3-2.6
Propeller aspirator pump 1.7-1.9
Static tube 1.8-24
U-tube

Zero head 0.72-2.3

0.5—-1.0 m head 10-40®
Venturi aerator 2.0-3.3

%lb O2/(hp.hr) = kg Oy/(kW .hr x 1.6440).
bDoes not include pumping power.
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The SAE will typically range from 1.0 to 2.6 kg Oo/kW . hr.
The SAE of some types of subsurface aerator may
range as high as 3.2 to 3.5kg Oy/kW.hr. If 0.5 to
1.0 m of head is available, the SAE of the U-tube and
packed-column aerators can range as high as 40-80 kg
O9/kW . hr. The only power required is for injection of air
into the U-tube or for low-pressure fans in the packed
columns.

The FAE values for aquaculture systems will be
significantly less than the listed SAE values, primarily
because of the necessity of maintaining a dissolved oxygen
concentration of 5 to 7 mg/L. For example, at 30°C (86 °F)
a=pB=1.0, and C =5 mg/L (ppm), FAE is equal to only
36% of the SAE value. At high temperatures and C values,
the value of FAE is significantly reduced.

Field Aeration Effectiveness

Most gravity aerators can be designed to operate with no
power input if 1.0 m or more head is available. Typical
values of the aeration effectiveness (AF) are presented in
Table 2. Many gravity aerators have very low SAE values;
one may, nonetheless, be useful in some applications due
to its simplicity of construction and operation. Information
on the computation of standard aerator performance under
steady-state testing is presented in (16).

Table 2. Aeration Effectiveness (AF) of Typical Gravity
Aerators

Height or
Type Head (cm)* AF (%)
Low-Head Types
Cascade (45°) 25 22-26
50 36-38
Corrugated inclined-plane (20°) 30 18-29
60 30-50
Horizontal perforated trays 110 95-100
Lattice aerator 30 29-37
60 48-61
Simple weir 30 7-10
Splash board 30 23-25
60 36-41
Packed column 30 94-96
60 96-98
High-Head Types
Alfalfa gate 990 to 1,700 61
Ell aspirator 990 to 1,700 83
Gate valve (Half-open) 990 to 1,700 76
Screen 990 to 1,700 59
Screen covered with rocks 990 to 1,700 63
Screen cover 990 to 1,700 52
Screen extension 990 to 1,700 51
Slotted cap 990 to 1,700 65
Splashboard 990 to 1,700 51
Splashboard with holes 990 to 1,700 53
Straight pipe 990 to 1,700 25
Tee aspirator 990 to 1,700 72

%Inches = cm/2.54.

Field Oxygen Transfer Rate

In a number of systems, oxygen transfer rate is more
important than efficiency. Tractor-powered paddlewheel
aerators have been used widely in catfish ponds for
emergency aeration (17) and can easily be moved from
pond to pond when needed. Diffused aeration with pure
oxygen is widely used in transportation systems (18) and
in emergency systems for high-intensity systems, because
of its ability to transfer large amounts of oxygen without
any power input.

Dissolved-Gas Concentrations and Pressures

Dissolved-gas concentrations (or pressures) in the effluent
from aeration must be considered in aeration design
and operation (6). Lethal dissolved-gas pressures may be
produced by some types of submerged aerators (19).

Computation of Oxygen Demand and Supplemental
Requirements

The sizing of aeration systems requires estimates of
the total oxygen demand by aquatic animals and other
organisms, of the available oxygen supplied by water
flow (if any), and of the consequent requirement for
supplemental oxygen. Because the total oxygen demand
of the animals depends on their number, their size,
and the water temperature, it is necessary to estimate
these parameters over the whole production cycle on a
weekly or monthly basis. The temperatures allowed for
should include average, extreme maximum, and extreme
minimum values.

Average Daily Oxygen Demand

The average daily oxygen demand (20,21) is proportional
to the total daily ration:

DOD,yer = (OFR) x R (14)

where

DOD,. = average daily oxygen demand (kg/d, 1b/d),
OFR = Ratio of average daily oxygen demand to
daily feed consumption (kg/kg, 1b/lb), and
R =daily feed consumption (kg/d, 1b/d).

The oxygen requirement to process a given mass of feed
depends on animal size, the feeding rate, the composition
of the ration, the digestibility of the feed components,
and moisture content; it can be characterized by the
oxygen:feed ratio (OFR).

In production salmon and trout systems, OFR ranging
from 0.20 to 0.22 kg oxygen/kg wet feed have been
reported (22,21). In commercial high-density warm-water
fish culture, a value for OFR of 1.00 kg oxygen/kg wet
feed is commonly used (Anthonie Schuur, Aquaculture
Management Services, personal communication). The
higher value of OFR for warm-water fish may be due to
higher levels of metabolizable energy in the feed, to lower
moisture levels in the feed, to lower re-aeration across the
water surface, to higher bacteria oxygen demand (from
oxidation of organics and ammonia), or to differences in



activity and feeding behavior. Limited data is available
for OFR in recycle systems. The oxygen demand from
bacterial oxidation of organic compounds, ammonia, and
solids strongly depends on the unit processes and their
operation. The upper bound for OFR is the ultimate
Biochemical Oxygen Demand of the feed, which for
channel-catfish feed is equal to 1.1 kg Os/kg dry feed (23).
Careful feeding, followed by rapid removal of solids from
the system, can significantly reduce the OFR. Due to
the minor impact of culture animals on a whole pond’s
respiration, computation of OFR under pond conditions
may not be particularly important. Variation of DO and of
aeration demand in ponds can be computed by a variety of
techniques (24-26).

Maximum Daily Oxygen Demand

On a daily basis, in a flow-through system, the maximum
oxygen consumption occurs at about 4 to 6 hours after
feeding. A peaking factor of 1.44, to account for the
maximum daily oxygen-consumption rate, has been
suggested (22):

ODmax = 1-44(D0Daver) (15)

where

OD,ax = maximum daily oxygen demand (kg/d, 1b/d)
and
DOD,y.r = average daily oxygen demand (kg/d, 1b/d).

Supplemental Oxygen Requirement

The amount of available oxygen supplied by the flow (kg/d,
1b/d) is calculated as follows:

Oxygen supplied by flow = (4)(Qw)(DO4yt — DOmin)
(16)

where

A =constant (84.4, in kms 5.443 x 10~ in English
units),
Q.. = water flow (m®/s, gpm),
DOyt = effluent DO concentration (mg/L, ppm), and
DO;, =influent DO concentration (mg/L, ppm).

The amount of supplemental oxygen (kg/d, lb/d) is
calculated by combining Equations 14, 16, and 17, as
follows:

Supplemental oxygen = 1.44(OFR)(R) — A(Q,)
X (Doout - Domin) (17)

where

OFR =ratio of average daily oxygen demand to daily
feed consumption (kg/kg, 1b/1b),
R =ration (kg/d, 1b/d),
A =constant (84.4, in kms 5.443 x 1072 in English
units), and
Q., = water flow (m?/s, gpm).
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For design purposes, the supplemental oxygen require-
ment should be based on a weekly (or monthly) biomass
and feeding level. Depending on the harvest schedule
and temperature, the maximum supplemental oxygen
requirement may occur prior to the end of the pro-
duction cycle. If there is a large variation in biomass
between the various rearing units, it may be necessary to
compute the supplemental oxygen requirement for each
rearing unit.

Number of Units and Power Requirement

The number of units and the power requirement depend
on the amount of supplemental oxygen needed (Eq. 17),
OTRy, and FAE.

1 1
Number of units needed = Supplemental oxygen

OTRy
(18)
. Supplemental oxygen
Power requirements (kW) =
FAE (19)

System Characteristics

The selection of aerators will also be based on the physical
characteristics of (a) the site, (b) the number, size, and
configuration of the rearing units, (c¢) the hydraulics of
the rearing units, and (d) the mode of operation. In many
cases, the system may be completed before the need for
an aeration system is realized. Therefore, it is commonly
necessary to design or retrofit an aeration system around
a given system, rather than to design a complete culture
system from scratch. Some of the most common site
considerations are presented in Table 3.

The number, size, and configuration of the rearing
units is important in the selection process. In large tanks
or ponds, individual mechanical or floating aerators may
be used. In the aquarium trade, where a large number
of small tanks must be aerated, diffused aeration is
commonly used. Although the amount of air available
is relatively fixed, the air can be distributed to a large
number of individual units inexpensively, and flow to an
individual unit can easily be varied.

Aerators that interfere with the normal operations of
a culture system or require extensive maintenance will
probably not be used long. Operational personnel may
lack the time, the knowledge, or the tools to operate and
repair some types of aerators. Aerators such as gravity
aerators or paddlewheels, which can be constructed and
repaired on-site, may be better choices for some operations,
even if their overall efficiency is lower than that of
other types of aerators. The operational characteristics
of different types of aerator systems are presented in
Table 3.

Control

The oxygen demand of a production system has a
significant diurnal and seasonal variation (Fig.6). In
addition, the oxygen demand from a single raceway or
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Table 3. Common Design Considerations

Item Considerations
Site
Head If enough head is available, operation of a gravity aerator may be possible without the use of external power.
Power If electrical power is unavailable or unreliable, it may be necessary to use a motor-generator system or an
engine-powered aerator.
Location In remote locations, the lack of spare parts and trained personnel may favor simple systems.
Subsurface In areas with rocky or unstable soils, excavation may be expensive.
Layout Retro-fitting existing hatcheries may involve careful consideration of problems associated with installing

Fouling of diffusers

additional electrical lines, piping, and pumps between or around existing structures and utilities. A
side-stream pure oxygen system may be easier to retro-fit at some sites.

Operational

Diffusers (airstones) may foul from the growth of algae or bacteria. Fine-bubble diffusers may require special
air filters and non-metal air lines to prevent clogging due to rust and scale. Diffusers may foul rapidly if not
operated continuously.

Icing Surface aerators (and some types of gravity aerators) produce enough spray to cause ice on walkways and
roads. This situation may present a safety hazard to personnel.

Safety Electrical lines, fuel tanks, or rotating shafts may present a safety hazard to personnel. Diffused aeration
systems may be safer than other systems, because electrical lines are required only for the central blower
unit. Electrical safety is a major concern in marine systems, because of the high conductivity of seawater.

Harvesting/feeding In ponds, static-tube or surface aerators may need to be removed prior to harvesting. Aerators should not
interfere with the daily operations of the facility.

Repair The ease of repair may be an important consideration in remote locations. This consideration includes both the
skills and tools required and the local availability of spare parts.

Reliability A simple and highly reliable aerator is desirable. When adequate head is available, gravity aerators will
operate during power failures.

(a) raceway series can change during the transferring or

. harvesting of fish. The amount of oxygen transfer can
g be adjusted by turning on another pump or blower. The
‘E’ degree of control depends on the total number of aeration
S i units, the operational characteristics of the aerators, and
E Feeding the layout of the rearing units.
2 l The simplest control strategy for diurnal changes in
% oxygen demand is to design for the maximum oxygen
3 demand (Fig. 7a). This strategy may result in low FAE
values over much of the day.
Step control (Fig. 7b) uses one system to provide base
Time of day capacity and a second system to provide peak capacity. In
b) raceways, surface aerators are commonly used to provide
Time of maximum  arvestor additional aeration for times at which biomass is high
temperature planting and the output of gravity aerators is insufficient. Surface
%: aerators can also be used to increase the oxygen-transfer
=3 \ rate following feeding, when the oxygen consumption of
g Total oxygen culture animals increases. In subsurface aerators, oxygen
£ requirement \ transfer can be changed by changing the air flow to the
© unit. A system consisting of number of smaller units,
o each of which can be turned on when needed, may be
2 Supplemental oxygen more efficient than one running a single large blower
© requirement continuously.
Ox L J I Total required oxygen capacity may be minimized by
? \ Yoen supplied by influent AN staggering the feeding times within each raceway series
Stocking Start Stop to reduce the peak oxygen demand following feeding
of aeration aeration (Fig. 7c). This strategy may have the additional benefit
fingerlings  system system of eliminating the need for continuous DO monitoring and
Time of year for on-line control.
Figure 6. Variation of oxygen demand in a flow-through system Aerators in ponds are generally run during the night-

with (a) time of day (b) season of year. time period (Fig. 7d). Because of the high oxygen demand
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from algae and bacteria, it is generally impossible to
maintain adequate dissolved oxygen concentrations in the
entire pond.
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INTRODUCTION

Although algae form the base of most aquatic food
chains and are vital to both freshwater and marine
ecosystems, certain species frequently become nuisances.
Their presence, especially in high cell concentrations, may
discolor water or produce unpleasant odors or flavors.
Extremely high cell concentrations may produce episodes
of hypoxia or anoxia in water bodies, either because of
high respiratory oxygen demand during hours of darkness
or because of chemical oxygen demand when the cells die
and begin to decay. Algal cells may clog water filtration
and purification equipment. Though all these effects cause
problems, such problems rarely become life-threatening
to humans or domestic animals. More dangerous effects
occur when algal species produce chemical compounds
which are actively toxic. The terms “red tide” and “brown
tide” are increasingly associated in the public mind
with outbreaks of toxin-producing algae, but these are
misnomers. In many cases, toxin concentrations may
reach dangerous levels with no apparent color change
in the water, while in other cases discolored water is
caused by species that produce no toxins. In this entry,
attention focuses on true toxin-producers, ignoring milder
nuisances of filter clogging, taste and odor production, and
water discoloration. Such toxin-producers are coming to
be known as Harmful Algal Blooms (HAB).

INCREASING FREQUENCY OF HARMFUL ALGAL BLOOMS

In recent years, more frequent and more serious outbreaks
of toxin-producing algae have generated increasing
concern among public health officials and increasing
publicity in news media. Funding for the study of toxic
algae and algal toxins has increased markedly within
the past two decades. As investigators have sought to
understand HABs, much literature has been generated,
both as journal articles and as monographs (1-10). At
least one semipopular book has focused on a specific
toxic alga, Pfiesteria in the Albemarle—Pamlico—Neuse
estuarine system on the Atlantic coast of North
Carolina (11). The need for readily available sources
of information and rapid dissemination of information

and public health warnings has led to establishment
of several Web sites for HABs. These sites should be
consulted for the most recent information. Woods Hole
Oceanographic Institute maintains the Toxic Marine
Algae Web site at http:/ /www.redtide.whoi.edu/hab/.
The Cyanotox Web site [specializing in blue-green
algae (cyanobacteria)] originates from La Trobe
University (Victoria, Australia) and can be found at
http:/ /luff.latrobe.edu.au/ ~botbml/cyanotox.html. The
Canadian Department of Fisheries and Oceans maintains
the phycotoxins site at http:/ / www.maritimes.dfo.ca/sci-
ence/mesd/ he/lists/phycotoxins/index.html.

It is often asked whether outbreaks of toxic algae are
becoming more frequent or whether the increased numbers
of reports merely reflect increased scientific and public
awareness of these events, improved monitoring and
characterization techniques, more detailed observation,
and better reporting of episodes. No conclusive answers to
this question have been reached, but there is a growing
consensus among investigators that the frequency and
severity of such outbreaks are increasing and blooms of
toxic algae are occurring in locations from which they
have been absent in the past (12,13). Kao (14) points out
that symptoms of algal toxin poisoning are so distinctive
and so startling to observers that it seems unlikely that
episodes would have gone unnoticed or unreported if they
had occurred in the past. Love and Stephens (15) mention
that cases of ciguatera poisoning first began to appear in
the islands of Midway, Johnson, Palmyra, Fanning (now
Tabuaeran), and Christmas (now Kiritimati) in the early
1940s and were caused by eating fishes that had previously
been known to be edible. The World Health Organization
recorded approximately 900 cases of human paralytic
shellfish poisoning between 1970 and 1983, with many of
these cases occurring in regions where paralytic shellfish
poisoning had been unknown (16). For example, the
readily identified dinoflagellate Gymnodinium catenatum,
which produces paralytic shellfish poisoning, was reported
only twice (in the Gulf of California and off Argentina)
between 1940 and 1970. Then, between 1976 and 1994, it
was reported 12 times from widely scattered locations
around the world, usually in connection with toxic
outbreaks (17,18).

ECOLOGICAL FACTORS THAT CONTRIBUTE TO HABS

The causes of increased frequency and severity of toxic
outbreaks are still under investigation. A number of possi-
ble factors have been identified. Improved transportation
methods make it possible for materials, including algal
cells, to be moved inadvertently (such as in ballast water)
and with unprecedented speed from their ancestral habi-
tats into new locales. Thus seed stocks or inocula trans-
ported into new habitats may be released from control
by grazers or competing species that had previously held
numbers low. In addition, many investigators suspect that
ecological factors, such as nutrient availability, water tem-
peratures, water turbidity, and growth-regulator analogs,
have been altered in many habitats in ways that stimulate
growth of the nuisance species. However, in no case do we



currently have sufficient data or robust enough models to
identify specific causes of HAB outbreaks.

Detailed information is now available about the
molecular structure and mode of action of most of the algal
toxins. We know the cellular-level effects in some detail.
Much less is known about the genetic and environmental
basis for toxin production. No complete biosynthetic
pathway is known for any algal toxin. Similarly, the
genetic basis for every algal toxin remains to be elucidated.
We cannot yet identify with certainty the strains that
produce toxins nor can we define the particular conditions
under which toxins are produced. Factors that produce,
sustain, and terminate blooms, and that control toxin
production during blooms, are not understood. Outbreaks
tend to be irregular and unpredictable. Consequently, we
have very little predictive capability. Public health officials
and agencies are limited almost entirely to reacting after
a toxic incident is underway (sometimes even after the
incident is essentially finished), rather than having the
tools to anticipate incidents. We are even further from
being able to manipulate situations to prevent such
outbreaks. Disappearance of blooms is often as sudden
and mysterious as their appearance. Sexual reproduction
and formation of resting cysts seem frequently to be
associated with the ending of blooms, especially among
dinoflagellates. Sexual mating in some species has been
induced under lab conditions by nutrient starvation.

Although every known algal toxin can be produced by
more than one species, it is almost always found that any
specific harmful bloom is composed of a single species.
Factors responsible for bloom formation, and detailed
mechanisms of bloom development, remain poorly under-
stood for virtually all species. Investigators have focused
on nutrient availability (19-21), effects of vitamins and
chelators (22—25), fluctuations of nutrient concentrations
produced by upwelling (26,27) or by runoff from land
after heavy rains, on the ability of different species to
reach nutrient supplies by vertical migration (especially
diel migration) (28), on salinity, temperature, light inten-
sity (29-31), competition with other species (32), effects
of grazers (33), excystment or resuspension of resting
stages or epiphytic forms (34,35), advection or concentra-
tion of cells into restricted geographic areas (36,37), and
on availability of trace elements (38). Turner et al. (33)
noted that “interactions between toxic phytoplankton and
their grazers are complex, variable, and situation-specific.
An overall synthesis of these interactions is elusive and
premature because present results are still too disparate.
Accordingly, information from one experimental study or
natural bloom should be extrapolated to another with cau-
tion.” Similar statements might be made with regard to
each of the other biotic and abiotic factors influencing
blooms of toxic species. Although detailed understanding
of the causes and interactions is still in the future, suffi-
cient information has been accumulated to say that each
toxic species displays its own pattern of response to phys-
ical, chemical, and biological factors in its environment.
That is, each toxic species exploits certain environmental
parameters more efficiently than any other species. When
specific combinations of features come together, a bloom
results. Hallegraeff has provided a very useful summary
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of the “niche-defining factors” for the major marine species
of toxin-producers (39). He categorizes such factors as
either responses to the physicochemical features of the
environment (temperature, salinity, inorganic nutrients,
micronutrients, etc.) or as properties of the organisms
themselves (mixotrophy/ability to utilize organic nutri-
ents, allelopathy, or grazer avoidance, parameters of life
history, ability for vertical migration, or response to tur-
bulence in the water column, etc.). For example, the
dinoflagellate Alexandrium (a producer of paralytic shell-
fish poisoning toxins) is sensitive to temperature, responds
strikingly to micronutrient availability, and shows verti-
cal migratory behavior. In contrast, most cyanobacteria
are strongly sensitive to temperature and to availabil-
ity of inorganic macronutrients (especially nitrogen and
phosphorus). Further investigation will undoubtedly allow
us to refine these categories and develop more detailed
descriptions of the parameters that define the “toxic bloom
niche” of each HAB species.

Prediction and monitoring of HABs assume great
importance for public health officials, fisheries managers,
academic investigators, and the general population
who might encounter these occasionally dangerous
organisms. Therefore, a number of studies are underway,
seeking to overcome our present frustrating inability
to anticipate toxic outbreaks. Some investigators focus
on developing predictive models, based on numerical
and statistical descriptions of blooms (40). Other groups
(41,42) are developing methods to detect HABs by
optical methods (using floating buoys, airborne or
satellite surveillance, etc.). These techniques emphasize
recognition of HAB-forming species from distinctive
patterns of light absorbance by chlorophyll and other
pigments or by fluorescence emission spectra. Results have
been mixed, with no groups yet reporting complete success.
Efforts continue in this area, and some optimism seems
justified.

TAXONOMY AND IDENTIFICATION OF TOXIC ALGAE

Controversy abounds over the correct identification of
virtually all toxin producers. Characteristics that have
been used for identification include morphology, isozyme
patterns, toxin profiles, life history patterns, sexual
mating ability, and nucleic acid sequences. No one of
these has proven entirely satisfactory. Additional difficulty
results from taxonomic changes; most toxin-producing
species are known by several names. Steidinger and
Vargo (43) provide a useful list of synonyms for toxic
dinoflagellates. The dinoflagellate genus Alexandrium is
one of the most important producers of potent toxins
responsible for paralytic shellfish poisoning. This genus
includes about 30 species. Of these, some species produce
toxins, while other species have failed to show toxin
production. Of the toxin producers, some strains within
a single species show toxin production, while others do
not. It is clear that danger of toxic outbreaks cannot
yet be assessed from taxonomic information alone. In
late 1987, a major poisoning event occurred in eastern
Canada. Intense efforts by public health authorities
established that the toxin-producer was a diatom, initially
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identified as Nitzschia pungens forma multiseries. It
required almost 10 years of work before the nomenclature
of the organism was resolved; it is now known as
Pseudo-nitzschia multiseries (44). The situation is further
complicated by the growing recognition that different
geographic strains (subspecies?) of what seems to be
the same species may show sharply different toxin-
producing characteristics. For example, the New England
strain of the cyanobacterium Aphanizomenon flos-aquae is
known to produce the paralytic shellfish poisons saxitoxin
and neosaxitoxin, while the Oregon strain of the same
organism has never shown any sign of toxin production.

Most (perhaps all) toxins are secondary metabolites,
with very complex chemical structures. They are the end
products of elaborate, multistep biochemical pathways.
Very little is known about most of these pathways.
Only the biosynthetic pathway for saxitoxins (etiologic
agents of Paralytic Shellfish Poisoning) is relatively well
understood. However, enough is known about virtually
all the pathways to say that it is certain that multiple,
probably unique, enzymes are required. The only exception
to this general rule appears to be the synthesis of domoic
acid by diatoms, where only a few (one to three) unique
enzymes may be required (45). Although almost no data
are yet available for the enzymes themselves, it can be
predicted that the genes encoding these enzymes may
occupy large segments of the organisms’ DNA, and that
collectively, possession of such genetic arrays may serve as
a distinctive “signature,” which might be used to identify
toxin-producers (46).

The taxonomy of all cyanobacteria, including toxin
producers, is chaotic and currently undergoing exten-
sive revision. Morphological characters of cyanobacteria
are notoriously variable. Many of the features that were
thought to distinguish species and even genera are now
known to depend on previous growth conditions and are
unreliable for accurate identification of field-collected spec-
imens. Consider one extreme example: the cyanobacterium
Spirulina, which is widely sold commercially as a human
nutritional supplement. It has long been thought that
Spirulina was one of the most easily identified cyanobac-
terial genera, recognizable by its tightly coiled helical
filaments. Patterson and Hearn (unpublished) observed
that when Spirulina is maintained at high growth rates,
it loses its helically coiled growth habit; the filaments
straighten and become linear strands, morphologically
indistinguishable from strains of Oscillatoria. Certain
strains of Oscillatoria are known to be producers of
hepatotoxins and neurotoxins (47,48). Skulberg et al. (49)
offered a provisional key for identification of potentially
toxigenic cyanobacteria, but it should be used with cau-
tion. The presence, position, and form of heterocysts is
widely used for identification of filamentous cyanobacte-
ria. Heterocysts, modified cells wherein nitrogen fixation
occurs, differentiate only when the organisms are starved
of nitrogen. In eutrophic (nitrogen-replete) waters, hetero-
cysts may be completely absent, even from genera capable
of forming them. Furthermore, toxic strains of cyanobac-
teria do not differ morphologically from nontoxic strains,
so identification, even to species level, does not reliably
predict whether a particular bloom will become toxic.

Analysis of nucleic acid features holds promise
for precise identification of toxic species and strains.
Scholin (50) provided a useful review of the techniques
and difficulties involved. Manhart et al. (51) were able
to distinguish Atlantic, Pacific, and Gulf of Mexico
isolates of P. multiseries from isolates of P. pungens,
based on distinctive differences in restriction fragment
patterns (RFPs) of nuclear DNA. P. multiseries is a toxin
producer (domoic acid), while P. pungens is nontoxic. This
technique is not presently suited for field application
nor for rapid identification of organisms, but it may
provide the basis for development of dependable methods
for distinguishing species that are morphologically very
similar. Rouhiainen et al. (52) examined 37 strains of
toxic and nontoxic cyanobacterial strains from northern
Europe. Restriction fragment patterns and Southern
blot analyses were shown to distinguish hepatotoxic
Anabaena isolates from neurotoxic forms and from
Nostoc strains. Further work is needed to determine
whether the distinctive patterns recognized among these
isolates from a fairly small geographic area are reliable
on a worldwide basis. Successful application of such
nucleic acid-based identification techniques will require
cultivation of axenic cultures of many species and
strains that have not yet been successfully grown in
the laboratory. Many toxic strains, especially among
marine forms, are notoriously difficult to maintain under
laboratory conditions. Culture techniques must improve
along with our abilities to carry out analyses of genetic
structures.

It is now established that certain nonphotosynthetic
bacteria can synthesize saxitoxins and perhaps other
toxins as well. It is also known that the presence of certain
bacteria enhances production of domoic acid by the diatom
P. multiseries. Evidence is accumulating that intracellular
symbiotic bacteria are present in many strains of toxigenic
algae, but it is not yet clear what role these symbionts play
in the formation or release of toxins (53,54). Involvement of
symbiotic complexes may further complicate the problems
of identifying toxic species or strains.

ALGAL TOXINS: THEIR CHEMISTRY AND PHYSIOLOGICAL
EFFECTS

Toxins are known to be produced by at least four
groups of algae: the Haptophyta (sometimes regarded as
Class Prymnesiophyceae within Division Chromophyta),
the dinoflagellates (Division Dinophyta or Class Dino-
phyceae within Division Chromophyta), the diatoms (Class
Bacillariophyceae within Division Chromophyta), and the
Cyanobacteria (“blue-green algae”). The first three groups
show eukaryotic cell structure and hence are true algae.
The cyanobacteria possess prokaryotic (bacterial) cell
structure, though their old name of “blue-green algae”
is still widely used. Dinoflagellates are probably the best
known and longest studied of the algal toxin producers.
These “red tide” organisms are the most familiar to the
general public. Diatoms are the most recent additions to
the list of toxin producers, with the first known outbreak of
diatom-related poisoning occurring in eastern Canada in
1987 (55,56). Since 1987, toxic diatom blooms have become



familiar to the public as “brown tides.” Cyanobacteria are
typically the source of toxins in freshwater environments
(57,58), while the other groups are almost exclusively
found in marine or brackish waters.

Toxicity testing is usually by mouse bioassay. Typically,
a sample of the suspected toxin is injected intraperi-
toneally into the mouse, followed by 24 hours of obser-
vation. After 24 hours, any surviving mice are sacrificed
for postmortem examination for tissue and cytological
injury. This bioassay has formed the basis for the dis-
covery, identification, study, and regulation of all the
algal toxins. Like all bioassays, this technique suffers
from several drawbacks, including inherent variability in
the mice, difficulty of distinguishing effects when sev-
eral toxins are present in a sample, expense, time delays,
and increasing public opposition to testing of this sort.
Investigators have developed several alternative assay
methods in recent years. Gas chromatography, thin-layer
chromatography, high-performance liquid chromatogra-
phy, radioimmunoassay techniques, and enzyme-linked
immunosorbent assay techniques all show promising
results. Among the greatest challenges to the use of any of
these techniques is the supply of purified toxins to use as
standards (59).

Cyanobacterial Toxins

Among the cyanobacteria (blue-green algae), several gen-
era have been shown to be toxin-producers. Cyanobacterial
toxins are contained within the living cells and are not
released into water until senescence or death of the
cells (60). It is still not clear what factors influence or
control production of cyanobacterial toxins. Many investi-
gators have suspected that nutrient supplies are critically
important, but no agreement has been reached as to
which nutrients exert the dominant effect. Most atten-
tion has focused on nitrogen, phosphorus, and N:P ratios,
since it has long been known that cyanobacteria bloom
in waters enriched in N and P. There is still no clear
evidence that nutrients influence toxin production other
than via their general effect on growth rate. In other
words, in nutrient-rich waters, growth rates are high,
leading to rapid accumulation of dense populations of
toxin-producing cells. But the concentration of toxin/cell
appears to change very little.

Among the prokaryotic cyanobacteria (blue-green
algae) production of both hepatotoxic and neurotoxic
compounds has been extensively studied (61). Additional
toxins, producing dermatitis, respiratory distress, and
other symptoms have been reported, but are less
well characterized. The cyanobacterial toxins include
both neurotoxins and hepatotoxins. The most common
hepatotoxins seem to be cyclic peptides containing a
unique hydrophobic amino acid whose chemical name
is usually abbreviated ADDA (3-amino-9-methoxy-2,6,8-
trimethyl-10-phenyl-4,6-decadienoic acid). These toxins
are called microcystin (seven amino acids in the ring)
or nodularin (five amino acids in the ring). These
were named for the genera from which they were first
isolated (Microcystis and Nodularia, respectively), but it
is now known that other genera also produce the toxins.
The peptides are synthesized nonribosomally, but their
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biosynthetic pathways and normal function in the cell
are not well understood. Both microcystin and nodularin
are rapidly taken into vertebrate liver cells via the bile
transport system and are also taken into epithelial cells
of the small intestine, using the same bile transport
mechanism. Once inside the target cells, the toxins act
as potent inhibitors of protein phosphatases (classes
1 and 2A). This produces hyperphosphorylation of cell
proteins, with a wide range of effects. One effect, almost
immediately observable microscopically, is deformation
of liver cells resulting from collapse of the cytoskeleton.
Extensive hemorrhage and hepatocyte necrosis follow; the
acute cause of death is shock due to blood loss (62). The
effect of microcystin and nodularin in inhibiting protein
phosphatases is strongly reminiscent of the mode of
action of the dinoflagellate toxin, okadaic acid. However,
the molecular structure and sites of action of okadaic
acid are distinctly different and will be discussed next.
Microcystin is degraded slowly (10—30 days) after release,
probably by microbial action. Chlorination, flocculation,
and filtration do not remove the toxin, although there
are indications that ozonation or absorption on activated
charcoal effectively remove the toxin.

A wide variety of cellular events and metabolic
processes are regulated by the level of phosphorylation
of cellular proteins. Proteins are phosphorylated by the
action of protein kinases and dephosphorylated by action
of phosphatases. Among other processes regulated by
the level of phosphorylation is control of cell division
and proliferation. Inhibition of phosphatases, leading
to hyperphosphorylation, may increase cell proliferation,
leading to tumor formation.

In mice, the lethal dose of microcystins via intraperi-
toneal injection is about 2—3 ug for a 30 g mouse, i.e.,
about 60-70 ug’kg body weight. Because of widespread
consumption of cyanobacterial material as health supple-
ments, concerns have been raised about acceptable levels
of toxins in dried cyanobacterial biomass. The Oregon
State Health Division has determined that 1 pg/g (1 ppm)
is a safe level for microcystins in cyanobacterial material
sold for human consumption.

A second type of cyanobacterial hepatotoxin, known as
cylindrospermopsin, was originally isolated from Cylin-
drospermopsis in an Australian water supply. The toxin
is a novel alkaloid with a cyclic guanidine unit (63). It
appears to act by inhibiting protein synthesis. In addi-
tion to microcystin, nodularin, and cylindrospermopsin,
another group of compounds that act as tumor promot-
ers have also been isolated from cyanobacteria, especially
from Lyngbya. These toxins, known as aplysiatoxin and
lyngbyatoxin, activate protein kinase C, leading to cell
proliferation (64).

Dinoflagellate Toxins: Saxitoxins

Paralytic shellfish poisoning (PSP) results from ingestion
of any of a family of compounds produced by dinoflagel-
lates. At this time, members of the genera Alexandrium
(Gonyaulax), Pyrodinium, and Gymnodinium have been
shown to produce these toxic compounds. In Alexandrium,
toxin production is enhanced when cells are phosphate lim-
ited, but decreases when cells are nitrogen limited (65,66).
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The compounds are derivatives of saxitoxin, a tetrahy-
dropurine with a unique 3-carbon ring between C4 and N3
(67,68). The biosynthetic pathway has been extensively
studied, and is reasonably well understood (69,70). At
least 18 naturally occurring derivatives of saxitoxin have
been isolated. All produce their paralytic effect by bind-
ing to and blocking the voltage-gated sodium channel of
neurons, skeletal muscle cells, and cardiac muscle cells.
In normal, unpoisoned cells, the inward flow of sodium
ions produces the action potential that is necessary in
the transmission of nerve impulses and the contraction of
muscle cells. In the presence of saxitoxin and its deriva-
tives, the sodium channel is blocked, no action potential
can be generated, and paralysis results.

PSP is potentially life-threatening. Onset of symptoms
is rapid, within a few minutes to a few hours after
consumption of the toxin. Symptoms include tingling,
numbness, or burning of the mouth region, followed by
giddiness, drowsiness, and staggering. Severe cases result
in respiratory arrest. No antidote is known.

Dinoflagellate Toxins: Brevetoxins

Neurotoxic shellfish poisoning is produced by brevetoxins,
products of the dinoflagellate Ptychodiscus brevis (Gymno-
dinium breve). Brevetoxins are polyethers, with at least
nine derivatives now known to be toxic (71). In contrast
to the saxitoxins, which act by blocking sodium influx
into excitable cells, brevetoxins specifically induce an irre-
versible channel-mediated sodium ion influx (72). Thus,
brevetoxins depolarize both nerve and muscle cells; nerve
cells are much more sensitive to these toxins. Depolariza-
tion induces neurotransmitter release in neuromuscular
preparations, but the essential effect results from the
opening of the sodium channels.

Dinoflagellate Toxins: Ciguatoxin and Gambiertoxins

Ciguatera poisoning is probably the most widespread and
the least understood of the algal toxin-related syndromes.
It is known that several closely related compounds are
involved, and that these compounds are produced by
several genera and species of dinoflagellates, notably
Gambierdiscus toxicus, Coolia monotis, Amphidinium
carterae, Prorocentrum spp., Ostreopsis spp., Thecadinium
spp., and perhaps others. G. toxicus is the causative
organism in most cases of ciguatera poisoning. The
molecular structures of only a few of the toxins have
been determined. Ciguatoxin and gambiertoxin have
been shown to be complex cyclic polyethers, structurally
reminiscent of brevetoxin and okadaic acid (73). Although
some uncertainty remains as to the exact mode of action of
ciguatoxins, it appears very likely that they act in much the
same way as brevetoxin, that is, by binding to the sodium
channel of neuronal membranes and triggering sodium
influx (73,74). This irreversibly depolarizes the nerve cell.
Effects of ciguatoxin can be blocked by tetrodotoxin, by
excess extracellular Ca?*, or by cholinesterase inhibitors.

Maitotoxin coexists with ciguatoxin in ciguateric fish
and is one of the most potent marine toxins. It is pro-
duced by G. toxicus in more abundant quantity than
ciguatoxin (75). In smooth muscle and skeletal muscle

preparations, maitotoxin causes calcium ion-dependent
contraction (76). Maitotoxin may act by changing configu-
ration of a membrane protein, transforming it into a pore
that allows Ca2* to flow through (75,77).

Dinoflagellate Toxins: Okadaic Acid

The dinoflagellate genera Dinophysis and Prorocentrum
include species that produce the toxin okadaic acid.
This toxin causes diarrhetic shellfish poisoning (DSP), a
nonfatal, but temporarily incapacitating illness, involving
severe abdominal cramps, vomiting, diarrhea, and chills.
Like brevetoxins and ciguatoxins, okadaic acid is a cyclic
polyether. However, the mode of action of okadaic acid
appears to differ from that of the other polyethers.
Okadaic acid is thought to act as an inhibitor of
protein phosphatases (78); in this respect, it is similar
to microcystin and nodularin, although the molecular
structure and the producing organisms are quite different.
Okadaic acid apparently produces its effects by inhibiting
dephosphorylation of myosin light chains in smooth muscle
and thus producing tonic contractions (79). There is
uncertainty as to whether okadaic acid is typically released
from healthy cells into the water. Carlsson et al. (80),
studying a Dinophysis bloom, found that it was not.

Diatom Toxins: Domoic Acid

Certain marine diatoms produce the toxin known as
domoic acid. Domoic acid poisoning, also becoming known
as amnesic shellfish poisoning, produces symptoms of
vomiting, diarrhea, abdominal cramps, disorientation, and
memory loss. Although the toxin is produced by diatoms
(and by certain species of red algae), most cases of
poisoning result from consumption of mussels (Mytilus
edulis) that have accumulated the toxin from the diatoms
on which they have fed. The toxin was originally isolated
from the diatom genus now known as Pseudo-nitzschia
and has been subsequently identified in at least seven
additional diatom species (81). It has also been found in the
red algal genera Chondria, Alsidium, Amansia, Digenea,
and Vidalia. All reported poisoning incidents appear
to have been associated with diatoms, none with reds.
Production of domoic acid by Pseudo-nitzschia appears to
increase when cells are silicate or nitrogen limited (82,83)
or with higher levels of temperature and light (84,85).
The molecular structure of domoic acid is a water-
soluble tricarboxylic amino acid (82). It appears to act
by binding to glutamate receptors of neurons in the cen-
tral nervous system, especially the hippocampus (86—88).
Glutamate (or glutamic acid) is a well-known excitatory
neurotransmitter. Domoic acid excites the neuronal mem-
brane, leading to irreversible depolarization, accumulation
of intracellular Ca%*, neuronal swelling, and death (89).

Dinoflagellate Toxins: New and Unidentified Forms

The toxic dinoflagellate Pfiesteria piscicida and at least two
other Pfiesteria-like species produce toxins that remain
poorly characterized. Pfiesteria and the similar species
were first discovered in the 1980s and thus far have only
been found in the western Atlantic and Gulfregions. These
organisms apparently behave as “ambush predators,”



releasing toxins specifically when prey organisms are near
(90,91). The toxins narcotize finfish, and cause sloughing
of epidermis and formation of open ulcerative lesions
in finfish and shellfish. The toxins can be aerosolized
and produce muscular pain, abdominal distress, dizziness,
disorientation, and memory loss in humans when inhaled
(92,93). The chemical structures of these toxins are not
yet known. It is known that the toxins include both
lipophilic and water-soluble compounds (94,95). Likewise,
the mode(s) of action of these toxins have not yet been
characterized.

Chrysophyte (Haptophyte) Toxins

The genera Prymnesium, Chrysochromulina, and Phaeo-
cystis include species and strains well known for killing
finfish and shellfish, both farmed and free-ranging. Toxin
production appears to be promoted by phosphorus defi-
ciency, but expression of the toxin is extremely variable.
Dramatic effects seen in nature (massive, wide-ranging
fish kills) have been difficult to reproduce under labora-
tory conditions. Much remains to be learned about the
factors that influence or control toxin production and/or
release. The toxin is believed to be a glycoside or a family
of related glycosides (96). The toxins display a general-
ized effect on membrane permeability and disturb ionic
balances in cells of a wide range of marine organisms
by eliciting marked increases in membrane permeabil-
ity, with resulting leakage of cell contents (97,98). Blood
cells are disrupted, so the toxins are often described as
hemolytic. These toxins appear to be especially danger-
ous to gill-breathing animals such as fish, tadpoles, and
molluscs.
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The alkalinity of water is its capacity to chemically
neutralize acids. It is commonly expressed as mg/L
(or parts per million, ppm) of equivalent calcium
carbonate, CaCOj3 (1). In water suitable for aquaculture
alkalinity is usually due to naturally occurring dissolved-
mineral bicarbonates (HCO;~), carbonates (CO3;~2), and
hydroxides (OH™), often from limestone deposits; and to a
lesser extent, borates, phosphates, and silicates. However,
pollution from industrial and municipal effluents or
irrigation drain water can also contribute to alkalinity.
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Alkalinity is sometimes confused with the related concept,
water hardness, which is also expressed in mg/L as CaCO3.
Hardness, however, is primarily a measure of the calcium
and magnesium concentration, and is independent of
alkalinity. Water originating from areas with limestone
rock formations may contain both calcium and magnesium
carbonates and can therefore reach high levels of both
alkalinity and hardness. Waters of high alkalinity usually
also have an alkaline pH (pH > 7) and a high concentration
of total dissolved solids (TDS). The alkalinity of water
supplies used for aquaculture can range from less than
10 mg/L (soft, freshwater ponds, streams) to as high as
several hundred mg/LL (sea water, hard alkaline fresh
water).

ANALYSIS

Alkalinity is most conveniently determined by titrating
a water sample with standardized acid (usually 0.1 N
HC]) to the methyl orange end point (pH 4.3), using
a portable water quality test kit. For highly accurate
work, specialized equipment under controlled laboratory
conditions should be used (1). In either case, the result
is the total alkalinity —commonly expressed in mg/L (or
ppm) as CaCOs. In limnology and oceanography research,
and in Europe, alkalinity is often expressed in units of
milliequivalents per liter (meq/L), where

1 meq/L = 50 mg/L as CaCO,

A total alkalinity determination effectively measures
all the bicarbonates, carbonates, and hydroxides present.
Many water chemistry test kits used in aquaculture also
offer the opportunity to measure the phenolphthalein
alkalinity (end point pH 8.3), in addition to the total
alkalinity. The phenolphthalein alkalinity measures the
total hydroxides (OH~) and carbonates (COs5~2) present.
If this number is zero or near zero, as it usually will be
in ponds with aquatic plants, then the total alkalinity
is nearly all due to bicarbonates. Thus, an alkalinity
determination can provide useful information on both
the total concentration and the identity of the alkaline
(basic) substances dissolved in a particular water supply.
In addition, the alkalinity, together with the water
temperature and pH, can be used to calculate the dissolved
COs concentration. Tables or nomographs for this purpose
can be found in standard reference works (1).

IMPORTANCE TO AQUACULTURE

Although fish do not have a direct physiological require-
ment for dissolved carbonates or bicarbonates, the alka-
linity of a hatchery water supply can nonetheless strongly
influence the health and physiological quality of produc-
tion fish. Most importantly, the alkalinity provides a buffer
against wide fluctuations in water pH that would other-
wise occur due to the daily cycle of CO, addition and
removal by animal and plant respiration and plant photo-
synthesis. The pH of natural waters is determined by the
interactions between the dissolved CO5 and carbonic acid
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produced by plant and animal respiration and the bicar-
bonate and carbonate minerals from which the alkalinity
is derived:

COq(gas) —— COs (aq) + H.O ——= H,CO3

—— H'" + HCO;~ <— 2H" + CO;32

Because this system can neutralize added acids or bases,
water supplies with a sufficient degree of alkalinity are
therefore buffered against the pH increases or decreases
that would otherwise occur.

An alkalinity of 10—20 mg/L is usually considered the
minimum level needed to stabilize water pH and protect
the health and physiological quality of production fish
in flow-through raceway culture systems (2). However,
pond fish that depend on natural food may grow
slowly in waters of such low alkalinity because the
production of phytoplankton and zooplankton will be
low. Wide fluctuations in pH will also occur. For
example, the water available for warmwater pond-fish
culture in the southeastern United States is often low
in alkalinity and therefore poorly buffered. At night,
respiring phytoplankton and fish add COy; to the pond
water decreasing the pH to as low as 5.5. During daylight
hours, rapid algal growth in the intense sunlight can
consume dissolved carbon dioxide faster than it can
be replaced by fish respiration and diffusion from the
atmosphere. The pond pH can increase to 9.5-10 in a
matter of hours. Such pH increases, by themselves, can
usually be tolerated by warmwater fish if the increases
are temporary. However, ammonia is usually also present,
and the high pH may increase the proportion of toxic NHj
to greater than the 0.02 mg/L level generally considered
safe (2). Water with an alkalinity of 40 mg/L. or more
(and a total hardness of 20—200 mg/L) is considered more
desirable for both extensive (static ponds) and intensive
(flowing water) aquaculture systems (2,3). In addition,
pond fertilization is more likely to be successful under
such conditions.

Alkalinities in the 100—200 mg/L range offer several
additional advantages, including (a) reducing the toxicity
of heavy metals, (b)allowing the safe use of copper
sulfate as an algicide and fish disease therapeutant,
(c) providing adequate buffering capacity against the
fluctuations in water pH that would otherwise occur as
a result of the natural daily cycles of photosynthesis and
respiration, and (d) affording the stable pH and carbon
source needed by nitrifying bacteria in the biofilters used
in recirculating aquaculture systems (2,3). The latter is
especially important in high-density recirculating systems
where large amounts of ammonia are produced that must
be oxidized to nitrate. The accompanying acid production
may be sufficient to consume the carbonates present, and
the pH will progressively decrease unless the alkalinity is
replenished (4).

In saltwater aquaculture, alkalinity is not normally
a consideration. Because of the high concentrations of
carbonates, ocean water is strongly buffered at about
pH 8.2.

MANAGEMENT RECOMMENDATIONS

Water supplies with a minimum alkalinity of 20—40 mg/L
as CaCOg3 are considered highly desirable for both cold-
and warmwater fish in either intensive or extensive cul-
ture systems (2,3). Alkalinities in the 100—200 mg/L range
will provide the additional buffering capacity needed to
prevent wide pH fluctuations in pond culture systems,
prevent leaching of toxic metals bound to soils and sedi-
ments, allow the use of copper compounds for fish disease
control, and provide the carbon needed to assure biological
productivity. In recirculating aquaculture systems, alka-
linities in this range will also assure an adequate supply
of carbon for the nitrifying bacteria in the biofilters, as
well as provide a stable pH.

Low alkalinity is not usually a problem in earthen
ponds constructed with soils rich in limestone or in
ponds made of concrete. However, many such ponds
are lined with plastic or rubber, which effectively cuts
off the source of carbonate. If desired, the alkalinity
of pond waters can be increased to adequate levels by
adding either hydroxides (such as sodium or calcium
hydroxide) or carbonate compounds (such as agricultural
limestone or sodium bicarbonate). However, only the latter
are safe for aquaculture. Sodium bicarbonate is readily
soluble in water and will not cause areas of locally
high pH. Applied at 10-201b per acre-foot of water, it
will temporarily correct low alkalinity and mitigate COq
and NHj problems arising from low or high pH. For longer
term alkalinity management, agricultural limestone can
be used. However, the amount of lime needed to raise the
alkalinity by a particular amount is difficult to calculate
directly. As a guideline, Terlizzi (5) has reported that
added limestone will increase the alkalinity by about
1 mg/L per 2 kg (4.5 1b) of lime per 1233 m? (one acre-foot)
of water. In practice, limestone is usually simply applied at
1-2 tons per 1233 m? (one acre-foot) at monthly intervals,
and the alkalinity monitored until it rises above 20 mg/L.
This process is very slow, however, and liming may not
succeed at all if pond sediments have been allowed to
become strongly acidic (6).
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Alligators and other members of the order Crocodilia
(crocodiles and caimans) have long been valued for
their hides and meat. The leather from crocodilian
hides is used to make attractive luxury apparel items
like belts, wallets, purses, briefcases, and shoes. The
high value of these leather products led to extensive
hunting of these creatures in the wild. By the 1960s,
this exploitation, combined with habitat destruction,
had depleted many wild populations of crocodilians.
Research into the life history, reproduction, nutrition,
and environmental requirements of the American alligator
(Alligator mississippiensis), coupled with rapid recovery of
wild populations led to the establishment of commercial
farms in the United States in the 1980s. Worldwide,
several other species of crocodilians are also cultured using
similar methods (1,2).

HISTORICAL PERSPECTIVE

The American alligator was once native to coastal plain
and lowland river bottoms from North Carolina to Mexico.
Historical records show that the American alligator can
grow to 16 feet or more. The only other species of alligator,
(A. sinensis) is found in China and is endangered.

American alligators were hunted for their hides
beginning in the 19th century (3). At the turn of the
century, the annual alligator harvest in the US was
around 150,000 per year. Overharvesting from the wild,
combined with habitat destruction, slowly depleted the
wild population. Most states stopped alligator hunting by
the 1960s. Under the 1973 Endangered Species Act, the
U.S. Fish and Wildlife Service designated alligators as
“endangered” or “threatened” species throughout most of
their range (with the exception of Louisiana) to protect
them from further exploitation (4).

Once protected, alligator populations recovered. Recov-
ery was dramatic in some areas, particularly in Louisiana,
which had stopped legal harvesting in 1962. Louisiana
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reopened limited harvesting of wild alligators based on
sustainable yield in 1972. The Louisiana alligator popula-
tion continued to increase even with sustained harvesting,
and by 1984 the Louisiana population was estimated to be
near turn-of-the-century numbers (4). Most other southern
states also experienced population increases after federal
protection.

In 1983, under the Convention on International
Trade in Endangered Species of Wild Fauna and Flora
(CITES), the U.S. Fish and Wildlife Service changed the
classification of the American alligator to what is called
“threatened for reasons of similarity in appearance.” This
classification means that the American alligator is not
threatened or endangered in its native US range. However,
the sale of its products must be strictly regulated so
that the products of other crocodilian species are not
sold illegally as those of American alligators. Today
nuisance control is allowed in several southern states, and
limited harvesting from the wild is permitted in Louisiana,
Texas, and Florida. In 1996 wild harvest and farm-raised
alligators supplied over 240,000 hides to world markets.
Approximately 83% of these were from alligator farms (5).

ECOLOGY AND LIFE HISTORY

Alligators inhabit all types of fresh to slightly brackish
aquatic habitats. Males grow larger than females,
although the growth rate of the sexes is similar up
to approximately 1.1 m (3.5 ft) in length (4). Growth
and sexual maturity are dependent on climate and the
availability of food. Along the Gulf coast, females usually
reach sexual maturity at a length of 2m (6.5 ft) and
an age of 9 to 10 years. Sexual maturity is not reached
until 18 to 19 years in North Carolina [still 2 m (6.5 ft) in
length]. Like other cold-blooded animals, this difference
in maturation age is related to temperature. Optimum
growth occurs at temperatures between 29 and 33°C
(85—-91°F). No apparent growth takes place below 21°C
(70°F), while temperatures above 34°C (93°F) cause
severe metabolic stress and, sometimes, death.

Research has shown that young alligators primarily
consume invertebrates like crayfish and insects (6), and as
they grow, fish become part of their diet. Mammals such
as muskrats and nutria become a substantial portion of
the adult diet. Large adult alligators even consume birds
and other reptiles, including smaller alligators. Carrion is
consumed whenever available (7).

Females do not move or migrate over long distances
once they have reached breeding age. They prefer heavily
vegetated marsh-type habitat (8). Males move about
extensively, but prefer to establish territories in areas
of open water (9). Males longer than nine feet are the most
successful breeders.

Alligator courtship and breeding are correlated to air
temperature and occur between April and July, depending
on weather conditions. Courtship and breeding take place
in deep (at least 1.8 m or 6 ft), open water. Courtship
behavior includes vigorous swimming and bellowing.
Both males and females bellow, but the male bellow
is much more bass and vocal than that of the female.
Most courtship occurs just after sunrise and takes about
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45 minutes from precopulatory behavior through the
first copulation (10). Repeated copulation is commonly
observed.

After courtship and mating, females move to isolated
ponds, surrounded by dense vegetation, for nesting, which
occurs about two or three weeks after mating. Nest
building and egg laying occur at night. Females build
nests by raking up surrounding vegetation and soil into a
mound. From 20 to 60 eggs are laid from above, into the
center of the mound. All the eggs are deposited at one time.
When egg laying is completed, the female covers the nest
with about 25 cm (1 ft) of vegetation. Nesting occurs only
once a year, and not all females nest every year. Females
guard their nests against predators.

Warm summertime temperatures, combined with heat
generated from the decaying mound of vegetation,
maintains temperatures between 24 and 33°C (75-91°F)
and relative humidities of 94 to 99% in the nest. The
eggs hatch in 65 days if the temperature in the nest is
consistently above 28 °C (82 °F). The young make grunting
or peeping sounds after hatching, and the female often
claws open the nest to help release them. Hatching success
is generally less than 60% (11). Research done in Louisiana
suggests that the survival of young alligators to 1.2 m (4 ft)
long averages 17% or less (12). After an alligator reaches
this length, it has few enemies other than larger alligators
and human beings. A good review of general ecological
considerations and information on the natural history of
the American alligator is (13).

CONTROLLED BREEDING AND EGG INCUBATION

In Louisiana, Florida, and Texas, eggs and/or hatchlings
may be taken from the wild under special permitting
regulations. In all other states it is illegal to take eggs or
hatchlings from the wild. Therefore, prospective alligator
farmers must purchase eggs or hatchlings from existing
farms in Louisiana, Florida, or Texas or must produce
their own through captive breeding.

Management of Breeding Alligators

Maintaining adult alligators and achieving successful and
consistent reproduction has proved difficult and expensive.
The exact environmental, social, and dietary needs of adult
alligators are poorly understood. Adult alligators that have
been reared entirely in captivity behave differently from
wild stock (14,15). Farm-raised alligators seem to accept
confinement and crowding as adults better than alligators
captured from the wild. Also, adult alligators that have
been raised together develop a social structure and
probably adapt more quickly and breed more consistently
than animals from the wild, which lack an established
social structure.

Breeding pen design, particularly with respect to the
land-to-water ratio and configuration, is very important.
The ratio of land area to water area within the pen
should be approximately 3: 1. The shape of ponds needs to
maximize the shoreline, utilizing an M, S, W, Z, or similar
shape. The reason these shapes work best is that male
alligators fight less during the breeding season if they
cannot see each other.

A water depth of at least 1.8 m (6 ft) must be maintained
during the breeding season. Whenever possible, ponds
should also be constructed with drains so that water can
be removed if the animals need to be captured. The pond
shoreline should be no closer than 23 to 30 m (75-100 ft)
from fences. Alligators are good climbers and diggers.
Most states that license alligator farming have specific
requirements pertaining to fencing in the construction of
pens.

Dense vegetation around the pond is needed to provide
cover, shade, and nesting material. The natural invasion
of wetland plants may be sufficient for cover. Tall, deep
grasses can be planted to increase vegetation that can be
used for incubation material. Many producers add bales of
hay to the breeding pens in June to supplement natural
vegetation for nest building.

Shade is important to prevent overheating during the
summer. Alligators will burrow into the banks of a pond
if adequate shade is not provided. Awnings that provide
shade will reduce burrowing activity.

The stocking density of adult alligators is usually
between 25 and 50 of the animals per ha (10 to 20 per
acre), in pens that are at least 5 ha (2 acres) in area.
Adults between 6 and 20 years old are reliable breeders,
and females 8 to 10 years old are the most consistent
breeders (4,16). The female-to-male ratio should be near 3
to 1, but less than 4: 1.

Each pen should have several feeding stations to keep
the adult alligators spread out. Feeding stations should
be established near basking areas or along the shoreline
of the pond. Feeding should begin each spring when the
temperature rises above 21°C (70°F). Alligators should
be fed four to six percent of their body weight per week
(definitely 6% throughout the summer) (4). Adults should
usually be fed only once per week. Early fall feeding
appears to be particularly important to enable the females
to be in good condition for egg development. Adults do
not need to be fed during the late fall and winter when
temperatures are below 21°C (70 °F). It is important that
adult alligators not be overfed; they should be trim, not
fat, for enhanced reproductive capabilities (16).

Adult breeders should be disturbed as little as possible
from February through August, during egg maturation,
courting, and nesting. Activities such as moving animals
or maintaining ponds should be performed between
September and January.

Nesting success in captive alligators has been highly
variable. Wild versus farm-raised origin, pen design,
density, the development of a social structure within the
group, and diet all affect nesting success. Nesting rates
for adult females in the wild averages around 60 to 70%
where habitat and environmental conditions are excellent
(17,18). Nesting rates in captivity are usually much lower,
depending on the management skill of the producer.

Clutch size varies with age and condition of the female.
Larger and older females generally lay more eggs. Clutch
size should average 35 to 40 eggs. Egg fertility can vary
from 70 to 95%. Survival of the embryo also varies from
70 to 95%, hatching rate from 50 to 90%. Egg fertility,
the survival of the embryo, and the hatching rate of eggs
taken from the wild and incubated artificially are 95, 95,
and 90%, respectively (19).



Land costs, long-term care and maintenance of adults,
and low egg production contribute significantly to the cost
of maintaining breeding stock.

Egg Collection

The method and timing of egg collection are very
important. Alligator embryos are extremely sensitive to
handling from 7 to 28 days after the eggs are laid (20).
Many embryos will die if handled during that period. Eggs
should be collected within the first week or after the fourth
week of natural incubation.

Unlike bird eggs, alligator eggs cannot be turned or
repositioned when taken from the nest, except during
the first 24 hours after being laid. The top of the eggs
should be marked before removing them from the nest, so
that they can be maintained in the same position during
transport and incubation. Eggs that are laid upright in
the nest (with the long axis perpendicular to the ground)
will expire unless they are repositioned correctly (with the
long axis parallel to the ground) within the first day after
nesting.

During collection, the eggs should be supported by 20
to 30 cm (8—12 in.) of moistened nesting material or grass
hay, placed in the bottom of the collection container. The
marked eggs should be placed in a single layer in the
container and in the same position that they were in the
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nest and should be covered with 5-7.5 cm (2-3in.) of
nesting material (20).

The age of the eggs and their development can be
observed by means of changes in the opaque banding that
occur during incubation. Figure 1 shows the sequence of
banding associated with proper egg development (21).

Incubation and Hatching

Compared with wild nesting, artificial incubation
improves hatching rates because of the elimination of
predation and weather-related mortality. The best hatch-
ing rates for eggs left in the wild are less than 70% (22).
Hatching rates for eggs taken from the wild and incubated
artificially average 90% or higher.

Eggs should be transferred into incubation baskets and
placed in an incubator within three or four hours after
collection. Air circulation around the eggs is critical during
incubation (19). Egg baskets can be made from plastic-
coated 2.5 x 1.3-cm (1 x 1/2-in.) steel wire mesh or 1.3 cm
(1/2 in.) heavy-duty plastic mesh. Dimensions for egg
baskets can vary [30 x 60cm (1 ft x 2 ft) and 60 x 90 cm
(2 ft x 3 ft) are common], but should be 15cm (6in.)
deep to accommodate both eggs and nesting material.
Eggs must be completely surrounded by nesting material,
the decomposition of which aids in the breakdown of
the eggshell (21). Without this natural decomposition,
hatching alligators will have a difficult time breaking

Ph

Figure 1. Opaque banding of alligator eggs from day laid through day 52 of incubation. From
Ferguson, 1981. T = top view; B = bottom view. Numbers represent days of incubation.
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out of the shell and may die. Fresh natural nesting
material composed mostly of grasses is best. If natural
nest material is not available, grasses which have been
soaked in water for about a week prior to incubation can
be used.

Hatching baskets should be set about 7.5 cm (3 in.)
above heated water in an incubator, in which the temper-
ature, humidity, and water level must be controlled. The
relative humidity should be kept above 90% within the
chamber, and incubation media should be moistened with
warm water as necessary to maintain dampness.

The incubation temperature is critical to the survival
and proper development of the hatchlings, even deter-
mining their sex (23). Temperatures of 30°C (86°F) or
below produce all females, while temperatures of 33°C
(91°F) or above produce all males. Temperatures much
above or below these limits cause abnormal development
that usually results in high mortality. Both sexes are pro-
duced at temperatures between 30 and 33°C (86—-91°F).

The critical period for sex determination is around 20 to
35 days after the eggs are laid.

Hatchling alligators (Fig. 2) make peeping or chirping
sounds after hatching. Unhatched eggs can be carefully
opened to release hatchlings. Eggs can be opened at
one end, to free the baby alligators without detaching
or damaging the umbilical cord. If the umbilical cord
is broken the hatchling is likely to bleed to death or
develop an infection. Hatchlings should be retained in their
hatching baskets for 24 hours to allow the umbilical cord
to separate naturally (19). After 24 hours the hatchlings
should be removed from the egg baskets, sorted into
uniform size groups, and moved into environmentally
controlled growout facilities. Size grouping the baby
alligators is important. Smaller, weaker individuals will
not compete well with their larger siblings.

Hatchlings should be moved into small tanks, 60 x
60 cm (2 x 2 ft) or larger, heated to 30—32°C (86—89°F).
Maintaining hatchlings at 32°C (89 °F) for the first week

Figure 2. Newly hatched alligators in hatching tray with natural nesting material, note umbilical cords still attached to egg cases.



aids in increasing their ability to absorb the yolk (4).
Usually, hatchlings will start to feed within three days at
that temperature. Young that do not start feeding on their
own can be force-fed using a large syringe (24). Hatchling
tanks should be cleaned daily to prevent outbreaks of
disease. Once hatchlings are actively feeding, they are
ready to be moved into growout facilities.

GROWOUT

Many different designs of growout facilities have been
employed. Growout buildings are basically heavily insu-
lated concrete block, wood, or metal buildings with heated
foundations. The concrete slab foundation is laced with
hot-water piping or, less commonly, electric heating coils
(25). A constant internal temperature is maintained by
pumping hot water through the pipes. The slab is insu-
lated to reduce heat loss. Pools, drains, and feeding areas
are built into the foundation. Covering about two thirds
of each pen is a pool of water, about 30 cm (1 ft) deep at
the drain, toward which the bottom of the pool is sloped
to facilitate cleaning. The remaining third of each pen,
above the water, is used for a feeding and basking deck.
Separate pens are constructed within a single building by
using concrete block walls at least 90 cm (3 ft) tall.

Pens can be almost any size. In general, smaller pens
are used for rearing small alligators, and progressively
larger pens are used as the alligators grow. Many
producers employ small fiberglass or metal tanks (for small
alligators) stacked above the larger floor pens, an approach
that maximizes the use of space and heat within the
growout houses. Pens and tanks must be “climbproofed”
to prevent the nimble young from escaping. Table 1 gives
examples of pen size to alligator size and corresponding
densities.

Most producers construct only a few sizes of growout
pens and simply reduce the density by moving the animals
as they grow. Commonly used stocking regimes are as
follows:

e 9.2 cm? (1 ft?) per animal until the animal reaches
50 cm (2 ft) in length.

e 27.9 cm? (3 ft?) per animal until the animal reaches
1.2 m (4 ft) in length.

e 55.7 cm? (6 ft2) per animal until the animal reaches
1.8 m (6 ft) in length.

A common construction plan uses an approximately
465-m? (5000-ft2) building (e.g., 10 x 45m or 33 x 150 ft)
with an aisle down the middle and pens on either side (25).
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A 1.2-m (4-ft) aisle leaves the pens roughly 4.3 m (14 ft)
wide. Pens are usually about 4 m (13 ft) long. A 0.9-m (3-ft)
high concrete block wall separates individual pens from
the aisle.

Within the 4.3 x 4-m (14 x 13-ft) pen is a 1.5-m (5-ft)-
wide deck next to the service aisle and a 2.7-m (9-ft)-wide
pool. Food is placed on the deck, and the pen is hosed clean
from the aisle without entering it. The pool edge slopes
rapidly to a depth of 10 in next to the deck, and the pool
bottom slopes from there to the drain.

Pens are easily divided by the construction of additional
walls down the center. The large pen (4.3 x 4 m) can hold
around 160 alligators 60 cm (2 ft) long or 50 alligators
1.2 m (4 ft) long. Some state laws require that alligators
less than two feet long be separated from those over 60 cm
(2 ft) in length.

Another popular building design is a single “round-
house” (25), a structure 4.5 to 7.5 m (15-25 ft) in diameter
constructed as a single pen. Round houses have also been
built from concrete blocks or from a single section, and
the roof from a prefabricated metal silo (used for storing
grain). The round concrete slab on which the house sits is
sloped (at an inclination of about 10 : 1) from the outer edge
to a central drain. The roundhouse is filled with water to
a depth such that about one-third of the outer floor is left
above the water level. Some producers prefer this design
because it is a single pen and, therefore, does not dis-
turb alligators in other pens during feeding, cleaning, and
handling operations.

Part of any alligator facility is the heating system,
which usually consists of water heaters and pumps that
circulate warm water through the concrete slab. The warm
water is needed to heat the building, fill the pools, and
clean the pens. Some heating systems consist of several
industrial-sized water heaters. Other systems consist of a
flash-type heater to heat water for cleaning and standard
water heaters to circulate warm water through the slab.
Both systems use thermostats to turn on the heaters and
circulation pumps. The temperature in growout buildings
must be maintained between 30 and 31°C (86—88°F) for
optimal growth.

Growout buildings almost never contain any windows,
and many producers prefer no skylights. In fact, most
animals are kept in near or total darkness, except at
feeding and cleaning times.

Feeding and Nutrition

Research reveals that the diet of a wild alligator
changes as the animal grows, but, in general, alligators

Table 1. Recommended Pen Sizes for Growout Operations®

Gator Length Pen Size Gators cm? (ft2) m? (ft2) Needed
[em (in.)] [m2 (ft2)] per Pen per Gator per 350 Gators
18-38 (7-15) 0.8(9) 20 4.0 (0.45) 14.7 (158)
38-76 (15-30) 11.1 (120) 80 14.0 (1.50) 48.8 (525)
76-122 (30-48) 15.6 (168) 50 32.0 (3.36) 109.3 (1176)
122-152 (48-60) 17.8 (192) 50 36.0 (3.84) 124.9 (1344)
152-183 (60-72) 20.1 (216) 40 50.0 (5.40) 175.6 (1890)

“From Ref. 26.
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consume a diet high in protein and low in fat. Early
producers fed their animals diets high in fish. Later
research showed that wild populations of medium to large
alligators eat mostly higher protein prey (i.e., birds and
mammals).

Early producers manufactured their own feeds using
inexpensive sources of meat, including nutria, beefcattle,
horse, chicken, muskrat, fish, beaver, and deer (25).
Today, however, artificial diets are available that provide
adequate nutrition. These diets have eliminated the need
to keep fresh-frozen meat products on hand.

Several feed mills are currently manufacturing pelleted
alligator feeds. Commercial feeds, approximately 45%
crude protein and 8% fat, are blends of fish meal, meat
and bone meal, blood meal, and some vegetable protein,
fortified with vitamins and minerals.

At present, most producers feed their animals only
commercially available diets, although some continue
to feed them a combination of meats and commercial
diets.

Feed should be spread out on the deck in small piles to
reduce competition and territoriality. Feeding should be
done at least 5 days per week; some producers feed their
animals 6 or 7 days per week. Alligators are normally
fed at rates of 25% of body weight per week the first
year; then the rate is gradually reduced to 18% by three
years of age or a length of about 1.8 m (6 ft) (25). Feed
conversion efficiency decreases as alligators grow larger,
but averages about 40% (or between 2:1 and 3:1 when
presented as a food conversion ratio), up to a length of
1.8 m (6 ft) (4). Overfeeding wastes money and can lead
to gout, which is fairly common in pen-raised alligators,
but can be cured by taking the animals off their feed
for 7 to 10 days (27). No antibiotics are approved for use
on alligators; therefore, any antibiotics that are needed
can be obtained only through a prescription from a
veterinarian.

Pen cleaning should be coordinated so that the animals
are not disturbed just before, during, or soon after feeding.
Many producers clean in the morning and feed their
animals in the afternoon.

Growth rates of young alligators can be as great as
7.5 cm (3 in.) or more per month when the temperature
is held at a constant 30 to 31.5°C (86 to 89°F) and
the animals are fed a quality diet and protected from
stress. Many producers rear alligators from hatchlings
to 1.2 m (4 ft) in 14 months, and a few producers have
grown alligators to 1.8 m (6 ft) in 24 months. Farm-raised
alligators are generally 10% heavier than wild alligators
of the same length. Table 2 gives average lengths and
weights of wild and farm-raised alligators.

In an effort to reduce costs and still produce a
larger (and more valuable) animal, some producers are
utilizing outside, or ambient, growout facilities. In this
system, alligators are moved into outdoor fenced ponds
after the first year of growth in indoor facilities. The
alligators are fed a commercial diet during warm weather
and are allowed to hibernate during cool seasons. After
approximately two years the ponds are drained, usually
during the winter to facilitate handling, and the alligators
are harvested.

Table 2. Length-Weight Relationships for
Wild and Farm-Raised Alligators®

Length, Weight, Wild, Weight, Farm Raised,

(in.) 1b (0z) 1b (0z)
12 0.15/(2.4) 0.16/(2.6)
18 0.42/(6.7) 0.47/(7.5)
24 0.68/(10.8) 0.75/(12.1)
30 3.5 3.9

36 8.6 9.5

42 13.0 14.7

48 17.7 19.8

54 28.0 31.1

60 39.6 44.0

66 45.4 50.4

72 49.6 55.1

“From Ref. 25.

Stress

Alligators are wild creatures that have been thrust into
captivity. In the wild, they are relatively shy and reclusive
creatures that do not normally aggregate together, except
during the breeding season. The artificial conditions that
are imposed upon them are unnatural and, therefore,
stressful. Stress can lead to slow growth, disease, and
aggressive behavior.

Alligators that are crowded into pens appear to be very
sensitive to light and sound. Many producers like to keep
the animals in the dark or at least in very reduced light.
Toward that end, they try to locate and insulate facilities
to minimize external noise.

Signs of stress include piling up of the animals, reduced
feeding, “stargazing,” and fighting (25). Piling up usually
occurs in the corners of the pens and can lead to suffocation
of those animals on the bottom of the pile. Reduced feeding
is a sign of stress. “Stargazing” is a position wherein the
alligator rises up on its front feet, arches its back and neck,
and points its snout into the air. Fighting among animals
that have been penned together, but are not overcrowded,
is a definite sign of stress.

Stress often impels the larger animals to fight, causing
scarring. A skin condition known as “brown spot” results
in cosmetic blemishes to the hide and subsequent scarring.
In either case, the quality of the hide is diminished and its
value reduced.

Each producer must keep good records on environ-
mental conditions, the animals’ consumption of feed, and
their general health. When signs of stress appear, the
cause must be identified and remedied as soon as possi-
ble. Overcrowding, excessive disturbance, and poor feeding
practices are common causes of stress.

Harvesting

Written approval and hide tags must be obtained from the
appropriate state regulatory agency (e.g., the Department
of Conservation and Natural Resources) before any
alligators may be harvested. Some states also have a
minimum length requirement at harvest (e.g., at least
1.8 m (6 ft), unless the animal has died from natural
causes). All alligators must be labeled with tags from



Table 3. Percent Yield of Deboned
Alligator Meat on a Live-Weight
Basis?

Tail Leg Torso Ribs® Jaw

16-17 4-5 6-12 7-10 1

“From Ref. 25.
bWith bones.

the state regulatory agency immediately after slaughter.
Alligators may be skinned only at approved sites, using
specific skinning instructions issued by the state agency.

Skinning, scraping, and curing must be done care-
fully to assure quality. Hides that are cut, scratched,
or stretched —particularly on the belly—have reduced
value.

Hides are scraped carefully to remove all meat and
fat and then are washed to eliminate all blood, etc. Fine-
grained mixing salt, not rock salt, is used to preserve
the hide. Salt is rubbed thoroughly into the skin, with
particular attention paid to all creases and flaps, to start
the curing process.

Most hides are sold to brokers, who purchase and hold
large numbers of hides and then sell them to tanneries for
processing. A few farms are large enough to sell directly
to the tanneries, the best of which are in Asia and Europe.

Producers who process alligator meat must comply
with all sanitation requirements of federal, state, and
local authorities. Local health departments can supply
guidelines and assistance in complying with sanitation
standards. Specific state laws regulate the size of meat
cartons, labeling of the cartons (with the names of the
seller and buyer), the date of sale, and the tag number
that corresponds to the hide. Average deboned dress-out
percentages for alligators in the 1.2 to 1.8-m (4 to 6-ft)
range are given in Table 3.

It is interesting to note that while the prices of hides
fluctuate, meat prices have stayed consistent, and it
appears that the supply of alligator meat is well below
market demand.
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Common aquacultural practices conducted by the private,
commercial, and research sectors can be stressful to
fish and oftentimes result in immunosuppression or
physical injury to handled fish. Both chemical and
nonchemical methods of anesthesia are frequently used
to minimize stress and facilitate animal restraint during
routine husbandry practices and transport, as well as for
spawning, surgical, and diagnostic purposes (1-4). The
levels of restraint, efficacy, cost, ease of handling, and
safety to the animal, handler, and environment must
be considered in the selection of the most appropriate
anesthetic.

An ideal anesthetic agent should have a wide margin
of safety, with rapid induction and recovery periods,
while providing consistently effective immobilization or
analgesia. Anesthesia involves a combination of narcosis,
analgesia, and skeletal muscle relaxation that results
from sensory nerve block, motor nerve block, or reduction
in reflex activity (4). Since different procedures require
different levels of anesthesia, this point should be
considered in the selection of the most appropriate
anesthetic method. Sedation may be required only for
transport or short, simple procedures, such as tagging
and injections, while more invasive procedures require
full surgical anesthesia. The degree of anesthesia attained
is often dictated by either the molecular structure of the
anesthetic agent itself, the concentration of anesthetic
used, or the duration of exposure to the anesthetic.
Other important considerations in selecting an anesthetic
include species variation, body mass, health status, age,
water chemistry factors, and the withdrawal time of the
drug (1,5-7).

The basic stages of anesthesia exhibited by fish are
similar to the stages observed in mammalian species (4,8).
A hyperexcitable stage occurs during induction and
is characterized by erratic swimming, disorientation,
increased respiration, and loss of equilibrium. The
sedative stage is characterized by loss of reactivity, slow
swimming, and decreased respiration. The anesthetic
stage is characterized by complete loss of equilibrium and
slowing of respiration that progresses to a surgical plane
denoted by an inability to swim, shallow respiration, and
no response to stimuli. The deepest plane of anesthesia is
marked by cessation of opercular movements, which can
lead to cardiac failure and death. Since the anesthetic
dosage for different preparations will vary with the
species, preliminary anesthetic trials with an unfamiliar
fish species are recommended prior to enacting the
intended use of the anesthetic. For example, metomidate, a
commonly used aquatic anesthetic, has been demonstrated
to be efficacious in the Atlantic salmon and cod (9,10), but
is undesirable for use in red drum and goldfish larvae (6).

PHARMACEUTICAL METHODS OF ANESTHESIA

Route of Administration

Chemically induced methods of immobilization and
restraint can be administered by bath immersion,
gill perfusion, parenteral injection, or oral administra-
tion (1,4,11,12). It is important to remember that both

induction and recovery times for some drugs will vary
according to the dosage used, the duration of exposure
time to the anesthetic agent, and the total body-fat content
of the fish (8).

Bath Immersion. For immersion methods, simultaneous
preparation of both induction and recovery tanks of
water is recommended. Water quality parameters (e.g.,
pH, temperature, salinity, hardness) in the tanks should
closely match those of the natural habitat waters of
the fish to be anesthetized. Aeration of these waters is
advisable, due to the common development of hypoxia
during anesthesia, which occurs secondarily to respiratory
depression. Opercular movement is a good indicator of the
plane of anesthesia attained and should be monitored
throughout any procedure. A fish that enters too deep a
plane of anesthesia can be resuscitated by immediate
transfer to the recovery water. Oxygen exchange and
anesthetic elimination can be enhanced at the gill level
by either using open-mouth propulsion of the fish through
the water or positioning the fish near an airstone (1,4).

Parenteral Administration. Injection of anesthetics is a
possible alternative for larger fish, but this method of
anesthesia has been reported to be inconsistent for both
maintenance and recovery. Disparities associated with
intramuscular administration of anesthetics have often
been attributed to the slower uptake or possible leakage
of anesthetic agents from injection sites due to anatomical
or mechanical factors. The sterile granulomas that may
develop at intramuscular injection sites or intraabdom-
inal adhesions from intraperitoneal administration are
additional possible sequelae that can occur secondarily to
drug-induced tissue irritation or damage. A clinical report
regarding intramuscular ketamine administration in var-
ious fish species, however, cites no deleterious side effects
in the more than 50 trials conducted (1,4,13).

Oral Administration. There have been reports of oral
administration of anesthetics in the food fed to fish, by
capsule or by using gavage (4). Observations of delayed
induction times associated with this method of drug
administration have been attributed to probable slow drug
absorption by the gastrointestinal tract and the possible
difficulties related to incorporation of the drug into the
diet. The inability to assess accurately the quantity of
drug-treated feed consumed on an individual basis has
been another concern.

Anesthetic Agents

The selection of some drugs currently used for anesthetic
purposes in aquatic species can be traced to human and
veterinary medical literature where the routine use of the
drugs developed over the years within the research setting.
The approved use of the drugs in commercially important
fish species, however, is restricted and varies between
countries. For example, Aqui-S is legally approved in New
Zealand for use in foodfish with no withdrawal period,
but is not approved for this use in the United States. On
the other hand, MS-222 is legally approved in Canada
and the United States with a 21-day withdrawal period



in foodfish species. Table 1 lists chemical preparations
commonly used for fish anesthesia. A short review of
the recent literature for these drugs is presented in the
paragraphs that follow.

Benzocaine. Benzocaine (ethyl aminobenzene), al-
though not legally approved for use in foodfish in the
United States, is a relatively safe, routinely used fish anes-
thetic. It is supplied as a water-insoluble white crystalline
powder that requires reconstitution in ethanol or ether
prior to adding it to water. A more water-soluble salt form,
benzocaine hydrochloride, is also available, but is more
expensive. Stock solutions of this preparation, if made in
advance, should be buffered and stored in dark contain-
ers to prevent inactivation (4,8). Its solubility and efficacy

Table 1. Commonly Used Fish Anesthetics
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in freshwater appear not to be affected by variations in
water hardness and pH, but increases in temperature
do seem to enhance its solubility (14). Strong aeration
of anesthetic waters is important, due to the hypoxic
effect of this drug, resulting from reduced gill ventilation
subsequent to depression of the medullary respiratory
centers. Since this agent is lipophilic, recovery times and
residue levels in body tissues will vary according to the
amount of stored body fat. The drug withdrawal time in
young, nongravid trout (Salmonidae) and largemouth bass
(Micropterus salmoides), however, has been demonstrated
experimentally to be only 24 hr (8).

Tricaine Methane Sulfonate. Tricaine methane sulfonate
(3-aminobenzoic acid ethyl ester, or MS-222) is a commonly

Water Water Induction Recovery
Anesthetic Species Dosage (ppm) Temperature (°C) Soluble? Time <5 min? Time <10 min?
Benzocaine (as Species variat- (More toxic at Not soluble; Yes Prolonged,
100 g/l ethanol ion (4,8,17,28) 50-500 warm temp- salt form due to fat
stock solution) Large fish (as gill eratures) more solubility
spray) (17) 1000 soluble
Trout and salmon (8) 25-45
Northern pike (8) 100-200
Tricaine methane Cod (9) 75 8.4 Yes Yes Yes
sulfonate Koi (12) 150-200 24
(MS-222) Salmonids and
tropical fish (11,34) 50-100 —
Halibut (35) 250 9.5-10.5
Red drum (36) 80 26
Porgy (5) 100 20
Quinaldine Red drum (6,36) 20-35 26 — Yes Yes
sulfate Goldfish (6) 60 24 — — —
Metomidate Salmon (8,10) 5 5 Yes Yes Recovery time
Cod (9) 5 9.6 correlates
Halibut (35) 20-30 9.5-10.5 with exposure
Red drum (36) 7 26 time
Catfish (8) 1-2.5 —
Tropical fish (8) 2.5-5 —
Phenoxyethanol Goldfish (18,37) 0.1-0.2 Yes Yes
0.3-0.4 20 — (concentration (concentration
Acanthopagrus dependent) dependent)
schlegeli (38) 400 — Yes
Lateolabrax
Japonicus (38) 400 — Yes
Oreochromis
mossambicus (38) >600 —_ Yes
Poecilia velifera (38) >600 — Yes
Clove oil (as a 1%  Juvenile
solution) (39) rabbitfish (39) 100 27-29 — 2 min <3 min
Rabbitfish (24) 50-100 — 2 min <5 min
Milkfish (24) 50-100 — <2 min <5 min
Striped mullet (24) 50-100 — <2 min <5 min
Freshwater and
saltwater
species (12) 40-120 — 3—5 min Prolonged
Pomacentrus
amboinensis (26) — — — Prolonged
Aqui-S Most species (7) 20 — — Yes Yes
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used fish anesthetic that is FDA approved in the United
States for use in most freshwater and marine species. It is
more water soluble than its parent compound, benzocaine,
but is also more acidic in nature, requiring its solutions to
be buffered with sodium hydroxide or sodium bicarbonate.
This agent is eliminated at the level of the gill, kidney, and
gall bladder, with no detectable metabolites in the mucus,
feces, or gametes (15). It is considered to be a relatively
safe drug, but its range of toxicity varies with fish species,
fish size, water temperature, and water hardness. Aeration
is recommended during induction, as hypoxia is a common
sequela, as well as other physiologic effects (see Table 2).
Individual variation with regard to dosage of this agent can
also be quite broad. One reported human case of retinopa-
thy has been associated with chronic cutaneous exposure
to MS-222 (16). Due to this potential occupational hazard,
wearing gloves is recommended as a measure to prevent
systemic absorption of this compound.

Metomidate. Metomidate (1-(1-phenylethyp)-1H-imida-
zole-5-carboxylic acid methyl ester) is a rapidly act-
ing, water-soluble, nonbarbiturate, imidazole-based hyp-
notic that has been found to be effective in various
species (1,4,8,9). Due to its lack of analgesic properties in
humans, it is recommended only for sedation in fish, and
not for use in surgical procedures. Muscle fasciculations
can commonly occur with its use, so it is not recommended
for detailed procedures as well. It is a potent anesthetic
in Atlantic salmon (Salmo salar) at low temperatures and
induces rapid anesthesia in freshwater salmon parr, but
it has been demonstrated to be most efficacious in large

Atlantic salmon that are acclimated to sea water (10).
Inhibition of cortisol release has been noted in metomidate-
anesthetized fish (4,8), with increases seen in both the
hematocrit and blood lactate levels (10). The “chemically
induced interrenalectomy” caused by this agent at the
interrenal cell level has been suggested to have research
potential as a tool to separate catecholamine from the
effects of cortisol in stress-related studies (10).

2-Phenoxyethanol. 2-Phenoxyethanol is an inexpensive
anesthetic that has been reported to have a narrow margin
of safety and to cause hyperactivity during induction or
recovery (17). Considerable variation in its activity has
been described according to fish species, body size, and
density, as well as relative to water quality parameters.
It occurs as an oily liquid with both bactericidal and
fungicidal properties. In goldfish (Carassius auratus), the
concentration used has a marked effect on the induction
and recovery times. Concentrations of 0.3—0.4 g/l are
useful for short procedures, and lower concentrations,
of 0.1 and 0.2 g/lL, are considered safe for prolonged
sedation (18). Its potential use for transport purposes
is supported by a study demonstrating its increased
effectiveness over other anesthetics in suppressing oxygen
consumption in platyfish (Xiphophorus maculatus) (19).
However, in another transport study, with gilthead
sea bream (Sparus aurata), a marked stress response
was demonstrated subsequent to exposure to the drug,
where the return of cortisol and hematologic parameters
to normal levels followed metabolic elimination of the
drug (20). No detrimental effects on sperm motility

Table 2. Miscellaneous Physiological Side Effects Associated with the Use of Anesthetics

Effect on Effect on Effect on Elimination of Effect on
Anesthetic Respiration Blood Chemistry Cortisol Metabolic Wastes Heart Species
Metomidate N 1 Het%;
4 lactate No effect — — Salmon (10)
— — No effect — — Red drum (36)
— — — No effect —_ Platyfish (40)
— No effect — — — Halibut (35)
MS-222 1 1 Het 1 — — Salmon (10)
— 4 glucose 4 — — Red drum (36)
— 1 lactate — J NH;3 — Platyfish (40)
— — — — | Ccob Rainbow trout (41)
— No effect — — — Halibut (35)
2-Phenoxyethanol 102 — — — — Platyfish (18)
consumption — — J NHs; | COq — Platyfish (40)
— 1 Het® — — — Red snapper (42)
— 4 Hb¢ — — — Grey mullet (42)
— + Osm? — — — Black porgy (42)
— — — — | HR?; Rainbow trout (43)
| BPf
J Og consumption — — — — Poecilia reticulata (44)
Quinaldine N — 4 J NHs; | CO9 — Platyfish (40)
sulfate — 1 Glucose 1 — — Red drum (36)

%Hect = hematocrit.
5CO = cardiac output.
“Hb = hemoglobin.
20sm = osmolarity.
¢HR = heart rate.
fBP = blood pressure.



were reported with the use of 2-Phenoxyethanol during
spawning of grass and silver carp (Ctenopharyngodon
idella and Hypopthalmichthys molitrix, respectively) at
a concentration of 0.2 mg/L (21).

Quinaldine Sulfate. Quinaldine sulfate is a water-
soluble yellow powder that requires buffering with sodium
bicarbonate upon its addition to water. Stock solutions,
of 10 g/L, should be protected from exposure to light and
air. Its potency is affected by water pH, temperature,
and hardness, where it exhibits a decreased toxicity
at lower pH and temperature values. It provides rapid
induction and recovery rates, but reflex activity is not
lost at the time of loss of equilibrium. Disappearance of
this touch response generally occurs after approximately
20 seconds of contact, so most procedures can be performed
under this anesthetic (1,8). Dosages of 15—-70 mg/L have
been used for warmwater species (4). The required dosage
varies between species, where largemouth bass are most
sensitive and carp (Cyprinidae) are relatively resistant.
More rapid induction times have been achieved for
combinations of quinaldine sulfate and MS-222 than
for either drug alone (8,22). Quinaldine sulfate is not
metabolized by fish and is excreted mainly at the gill
level, but also by way of the kidney and bile, similar
to the excretion of MS-222 (15). The parent compound,
quinaldine, is not water soluble and requires dissolution
in an organic solvent prior to mixing with water. Since it
is considered a suspect carcinogen, precautions should be
taken during its use (17).

Clove Oil. Although not approved for general use
as a fish anesthetic in the United States, clove oil
(eugenol derivative) has been demonstrated, both exper-
imentally and clinically, to be as effective as MS-222 in
most freshwater and marine species at concentrations
of 40-120 ppm (12,23). At 25 ppm, sedation was demon-
strated to be adequate in rabbitfish (Siganidae), milkfish
(Chanos chanos), and striped mullet (Mugil cephalus) for
conduction of short, simple procedures with induction and
recovery times of less than or equal to 2 and 5 minutes,
respectively (24); however, there have been reports of
prolonged recovery times as well (25,26). The primary
constituent of clove oil, eugenol, is similar in structure to
MS-222 and 2-phenoxyethanol.

Aqui-S. This particular anesthetic/sedative is approved
for use in aquatic species in New Zealand with no
withdrawal time and is presently undergoing the New
Animal Drug Act (NADA) approval process for use in the
United States. The formulation of Aqui-S contains a series
of synthetic flavoring ingredients that are individually
approved for use in food; one of these ingredients is similar
to a major component present in clove oil. Experimentally,
induction and recovery times of less than 3 and 10 minutes,
respectively, have been demonstrated in most species of
adult fish at a dosage of 20 ppm Aqui-S (7).

NONPHARMACEUTICAL METHODS OF ANESTHESIA

Nonpharmaceutical methods of anesthesia are employed
in situations where drug withdrawal times may interfere
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with the impending marketability of some foodfish species,
in field studies, and in locations where no approved
drugs are commercially available. In the past, carbon
dioxide was used in the field setting. Disadvantages of this
method are the prolonged induction and recovery periods,
shallow anesthesia, and metabolic imbalances associated
with the lowered pH (1,17,23). Combined use of sodium
bicarbonate and acetic acid in salmon has been suggested
as an alternative anesthetic method for laboratory,
farm, and field use (27). Electrically induced anesthesia,
using alternating, direct, and pulsating currents, is
another possibility; however, there is an increased risk
to the safety of the operator (28,29). The subsequent
rapid immobilization reduces netting stress, but the
physiological effects on the hematological parameters are
similar to those associated with anesthetic agents (28).
Use of AC voltages has resulted in variable and
unpredictable levels of narcosis and physical damage (30).
Electroanesthesia has been used as a viable anesthetic
alternative for tagging and spawning purposes (30,31).

PHYSIOLOGICAL EFFECTS OF FISH RESTRAINT

Reduction of handling stress and physical trauma is a
major consideration for fish sedation and anesthesia; how-
ever, the physiological and hematological side effects of
some anesthetics can closely mimic the effects associated
with the stress response. Using different species and vary-
ing the duration of exposure to the anesthetic may also
cause variation in certain blood parameters. Within the
research setting, therefore, any hematological or biochem-
ical measurements obtained from anesthetized fish must
be evaluated for potential confounding associated with
anesthetic use. Benzocaine, quinaldine, and MS-222 have
been reported to affect hepatic enzyme functions; there-
fore, their use is not recommended prior to hepatic enzyme
analytic studies (32,33). Table 2 gives a partial listing of
the potential side effects associated with the use of certain
anesthetics.
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The increasing intensity of fish and shellfish farming,
combined with the introduction of new species into culture,
was inevitably paralleled by increase in disease. Bacteria
represent a large variety and proportion of the pathogenic
agents acting as both primary and secondary invaders in
intensive culture. Antibiotic therapy for systemic bacterial
infections began in the late 1930’s, and was shortly
followed by the introduction of sulfamerazine into the
United States in 1948. As new drugs were introduced
in human and veterinary medicine, suitable compounds
were investigated for application in fish farming (1).
The use of chemotherapy in aquaculture has always
been limited by both legal and practical constraints.
Considerations such as cost, route of application, labor,
drug absorption, toxicity, and environmental impact



have forced many potentially useful drugs to remain
unavailable for aquaculture application (2).

Ideally, the selection of a chemotherapeutics against
bacterial disease should include the process of isolating
and identifying the specific pathogen responsible for the
infection, followed by determining of the most efficacious
drug. However, this practice is often time consuming,
always costly, and mostly overlooked. Selection should
also take into account the bioavailability of the drug,
the concentrations at which it accumulates in the host
tissue, the elimination rate (especially for food fish),
and the route of administration. The current method
of administering therapy for bacterial infections of food
fish is incorporating an approved drug as a premix into
feed (3). The treatment of nonfood fish is affected either
through the use of medicated feed or, more commonly,
by dispensing antibacterial drugs directly into the water
as bath treatments. Both of these approaches can be
problematic. For example, formulated feeds may not be
readily accepted by young stages of fish, particularly larval
fish raised on cultured live foods. Drugs may leach out of
feed and affect the environment, or they may decompose.
However, antibacterial therapy, particularly prophylactic
treatment, has lead to unanswered questions concerning
the development of antibiotic resistant bacteria, an
emerging problem in aquaculture.

DEFINITIONS

Traditionally, the term antimicrobial drug was applied
only to compounds such as dyes, and synthetic or organic
substances used in the treatment of microorganisms.
More recently, the term is used synonymously, and has
come to overlap in meaning, with the term antibiotic.
An antibiotic is a natural substance produced by the
metabolic processes of microorganisms that can inhibit
or kill other microorganisms. Put simply, antibiotics are a
kind of chemical warfare used against microorganisms in
the same habitat to compete for nutrients and space. Most
antibiotics in use today are derived from spore-forming
bacteria in the genus Bacillus and two actinomycetes
Streptomyces and Micromonospora. Fungi of the genera
Penicillium and Cephalosporium also produce antibiotics.
The ability of antibiotics to affect microorganisms
differs and is usually related to the mechanism of
action and concentration. Broad-spectrum antibiotics,
such as tetracyclines, inhibit bacterial protein synthesis, a
mechanism that affects a variety of bacteria. In contrast,
a narrow-spectrum antibiotic, such as penicillin acts to
inhibit formation of the bacterial cell wall, a process more
efficacious against Gram positive bacteria.

An important property of an antimicrobial drug is
termed specificity, or selective toxicity. Ideally, the antimi-
crobial agent should act at a target site that is present
in the microbe, but absent in the host, resulting in
adverse effects on bacterial cells without simultaneously
damaging host tissue. Selective toxicity is achieved by
exploiting the differences in structure and metabolism
of bacteria and host cells. As procaryotes, bacteria are
structurally more distinct from eukaryotic host cells than
are fungal or protozoan pathogens. Structural differences
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between procaryotic and eukaryotic ribosomes and DNA,
and the presence and specific chemical composition of bac-
terial cell walls are likely targets for selective toxicity
of many antibacterial drugs (4,5). Depending on con-
centration a drug may be bacteriostatic or bacterici-
dal. Bacteriostatic drugs interfere with the machinery
required for cell division, inhibiting reproduction. Their
importance is to inhibit the growth of bacteria, thereby
preventing the bacterial population from increasing and
allowing host defense mechanisms to destroy the static
population. Bactericidal drugs lyse and kill bacteria by
inflicting direct damage on specific cellular targets. The
distinction between the two mechanisms has become
blurred because some bacteriostatic drugs may be bacte-
ricidal at higher concentrations. Conversely, drugs con-
sidered bactericidal such as chloramphenicol may be
bacteriostatic for Escherichia coli, but bactericidal for
Haemophilus influenzae (4).

MODES OF ACTION
There are four main targets for antibacterial action:

e cell wall synthesis

protein synthesis
e nucleic acid synthesis
o cell membrane function

Inhibitors of Cell Wall Synthesis

Four classes of antibiotics act as inhibitors of bacterial
cell wall synthesis: the beta-lactam family, which
includes penicillins, cephalosporins, monobactams, and
carbapenems; glycopeptides like vancomycin, cycloserine,
and bacitracin. For the most part, these groups are not
widely used in aquaculture, probably because their mode of
action is more efficacious against Gram positive bacteria.
Drugs that inhibit cell wall synthesis act at one of three
stages in the process of wall formation. In the typical Gram
positive bacterial cell, the cell wall encases the membrane
as a continuous, highly cross-linked molecular network
that provides structure and keeps the cell from rupturing.
This structure, also known as the peptidoglycan, is
unique to bacteria and provides an optimum target for
selective toxicity. Synthesis of the peptidoglycan invokes
three stages: synthesis of the subunits in the bacterial
cytoplasm, transport of the subunits outside the cell, and
the final cross-linking. Penicillin and cephalosporin act
at the final stage by preventing the formation of cross-
links between the units of the cell wall, resulting in a
weakened network. Strands of peptidoglycan that cannot
cross-link have been observed by electron microscopy
to accumulate on the cell wall (6). Eventually, the cell
membrane extrudes thought the weak points in the
cell wall, and the cell ruptures. The bactericidal drugs
penicillin and cephalosporin utilize the same mechanisms
to cause bacterial cell death.

Glycopeptides, such as vancomycin, act at an earlier
stage in cell wall formation than do the penicillin and
cephalosporin. During the second stage of peptidoglycan
synthesis, the basic repeating units of the cell wall
are put together to form a long polymer. Vancomycin
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interferes with this mechanism by binding to the end of
the pentaglycine polymers that are used to cross-link the
growing peptidoglycan structure. This binding prevents
new subunits from being incorporated into the growing
cell wall.

Bacitracin and cycloserine act at the second and first
stages of cell wall synthesis, respectively. Both are of
limited clinical use and are not used at all aquaculture.

Penicillin. Penicillin was first isolated by Alexander
Fleming in the late 1930s from the fungus Penicillium
notatum. Now the penicillin family contains almost a
dozen drugs all of which contain a beta-lactam ring
attached to another five-membered ring containing a
sulfur molecule and the side chains attached to those
rings. Natural penicillin, chemically known as benzyl
penicillin, is administered by injection and cannot be given
by mouth. Biochemists have improved upon the original
drug by adding chemical side chains to the penicillin
core. The addition of side chains affects such chemical
properties as solubility and absorption and allows these
newer generation or semi-synthetic penicillins to be
given orally. The newer also resist acid hydrolysis and
counter some mechanisms of bacterial resistance. Some of
the newer semi-synthetic penicillin are broad spectrum
antibiotics and often are used against Gram negative
bacteria, in contrast to the earlier generation of narrow
spectrum drugs.

Cephalosporins. The first cephalosporins were isolated
in the late 1940s from the fungus Cephalosporium
acremonium. The family is characterized by a beta-lactam
ring attached to another six membered ring. Like penicillin
cephalosporin acts at the third stage of bacterial cell wall
synthesis. The cephalosporins have a broader spectrum of
action and are active against a variety of Gram negative
bacteria. Newer generations of cephalosporin have been
developed, and these account for the majority of antibiotics
administered; however, they are relatively expensive and
not readily used in aquaculture.

Vancomycin. Vancomycin is a large molecule that has
difficulty penetrating the Gram-negative cell wall. It is
a narrow-spectrum drug used mainly for the treatment
of Gram-positive cocci and Gram-negative rods that are
resistant to beta-lactam drugs.

Inhibitors of Protein Synthesis

Although protein synthesis proceeds in a similar manner
in prokaryotic and eukaryotic cells, effective antibiotics
can exploit the differences that do exist. Most inhibitors
of protein synthesis act at the level of translation by
reacting with the ribosome-messenger (mRNA) complex.
The size and structure of prokaryotic ribosomes differ
from those of eukaryotes affording selective toxicity. Two
possible targets of ribosomal inhibition are the 30S and
the 50S subunits of prokaryotic ribosomes. Attachment to
the 30S subunit by aminoglycoside antibiotics interferes
with the binding of transfer RNA (tRNA) to the ribosome,
preventing the initiation of protein synthesis. Other
animoglycosides like streptomycin also cause misreading

of the mRNA. Both mechanisms lead to the formation of
abnormal proteins.

Tetracyclines inhibit protein synthesis by binding to the
30S subunit further blocking the binding of tRNA to the
mRNA complex. Tetracycline binding inhibits virtually
100% of protein synthesis. Another inhibitor of protein
synthesis, chloramphenicol, acts by binding to the 50S
ribosomal subunit preventing the formation of peptide
bonds. Erythromycin, the best known and most widely
used of the macrolide antibiotics, binds to the 50S subunit
blocking the translocation step and preventing the release
of tRNA after peptide bond formation. Tetracyclines,
chloramphenicol, and erythromycin are all bacteriostatic
inhibitors of protein synthesis, and all can bind to the
ribosomes in eukaryotic mitochondria, causing a variety
of toxicities.

Aminoglycosides. Aminoglycosides are derived from dif-
ferent species of the actinomycetes Streptomyces and
Micromonospora. The most frequently used aminoglyco-
sides are neomycin, kanamycin, gentamicin, tobramycin,
streptomycin, and amikacin. The original compounds have
been chemically altered by the addition of side chains
to produce a newer generation of compounds, such as
amikacin. The newer compounds are active against organ-
isms that have developed resistance to earlier aminoglyco-
sides. The aminoglycosides have broad spectrum activity
and are highly efficacious against most Gram-negative
rods. All are bactericidal and therefore rapidly stop pro-
tein synthesis. However, they are not readily absorbed
from the gut and do not penetrate tissues well. Amino-
glycosides are routinely administered by intramuscular
injection. Neomycin and kanamycin are more water sol-
uble and are often used as bath treatments in marine
aquaria for infections caused by Vibrio spp. (7,8). Reports
in the literature indicate that neomycin can disrupt nitri-
fying bacteria leading to an increase in both ammonia
and nitrite levels in waters (9). Aminoglycosides generally
should not be used sequentially or in combination with
tetracycline or each other.

Tetracyclines. Tetracyclines are a large family of cyclic
structures that inhibit protein synthesis by preventing
animoacyl transfer RNA from entering the acceptor sites
on the ribosome. Unfortunately, this action is not selec-
tively toxic for prokaryotes and tetracyclines also will
inhibit protein synthesis in eukaryotes. Some selective
toxicity is afforded by the greater uptake of tetracyclines
by bacterial cells. Tetracyclines are usually administered
orally, are well distributed in the tissue, and penetrate
host cells to inhibit intracellular bacteria, mycoplasma,
rickettsiae, and chlamydiae. Doxycycline and minocycline
are absorbed better than tetracycline, oxytetracycline or
chlortetracycline. For this reason both doxycycline and
minocycline cause less gastrointestinal upset, because
there is less inhibition of normal gut flora. Oxytetra-
cycline treatment has been reported to cause immuno-
suppression in some fish whether the drug is admin-
istered by injection, in feed or as a bath. In Rainbow
trout (Oncorhynchus mykiss), the number of antibody-
producing cells was reduced, while both the number
of antibody-producing cells and the mitogenic response



were reduced in carp (Cyprinus) treated with oxytetracy-
cline (10—12). Tetracycline, minocycline, and doxycycline
are suggested treatments against Gram positive infections
of mycobacteriosis and streptococcosis (13).

Tetracycline readily binds to calcium and magnesium
forming an insoluble chelate, and therefore may not be as
effective as a bath treatment in marine waters or fresh
waters of higher pH (harder water).

Erythromycin. Erythromycin is a member of a family
of large cyclic molecules called macrolides. Members
of this family all contain a macro cyclic lactone ring
structure to which sugars are attached. Erythromycin
specifically binds to the 50S subunit of the ribosome and
blocks the translocation step in protein synthesis, thereby
preventing the release of transfer RNA after peptide bond
formation. Erythromycin is most active against Gram-
positive bacterial infections, chlamydiae, rickettsiae, and
mycoplasma. For yet unknown reasons, the concentration
of erythromycin achieved in Gram-positive bacteria is
greater than that in some Gram-negative bacteria (6). It
is thought that erythromycin cannot readily penetrate the
cell envelope of Gram-negative bacteria.

Erythromycin is readily absorbed at a neutral or a
slightly alkaline pH, which makes it particularly useful
for the treatment of African Rift Valley lake fish and
live bearers. However, bacterial nitrifies will be severely
hampered by the use of erythromycin (14).

Chloramphenicol. Chloramphenicol is a broad-spectrum
antibiotic with a unique nitrobenzene structure that is
responsible for some of the toxic problems associated
with its use. Chloramphenicol blocks the action of pep-
tidyl transferase, preventing peptide bond synthesis on
the ribosome. It inhibits bacterial protein synthesis selec-
tively, since it has a higher affinity for the transferase of
the 50S bacterial subunit than that of the 60S subunit
of the eukaryotic ribosome. Because of its unusual sta-
bility, chloramphenicol is poorly absorbed through water,
and is commonly administered by injection (15). Chloram-
phenicol is highly illegal to use on foodfish in the United
States.

Inhibitors of Nucleic Acid Synthesis

For the most part, inhibitors of nucleic acid synthesis
are antimicrobial agents rather than true antibiotics.
The exception is rifampin, a chemically altered compound
produced by the genus Streptomyces. The chemical agents
act to inhibit nucleic acid synthesis in one of three main
ways: by inhibiting precursor synthesis, by inhibiting
DNA replication, or by inhibiting RNA polymerase. The
inhibitory effects may be so basic to cell function that
protein synthesis and other metabolic pathways appear as
targets (4).

Inhibitors of Precursor Synthesis

Sulfonamides. Sulfonamides, also known as sulfa drugs,
and trimethoprim are often referred to as antimetabolites,
because they interfere with the metabolic synthesis of
precursor compounds. The sulfonamides are a group of
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molecules produced exclusively by biochemical synthesis;
and they act as bacteriostatic inhibitors of bacterial
growth. Many sulfonamides have been formulated, but
only a few have proved useful in the treatment of bacterial
and protozoal infections. The sulfonamides are structural
analogs to, and act in competition with, para-aminobenzoic
acid (PABA), an essential component in cell synthesis of
folic acid (folate). A reduced form of folic acid functions
as a coenzyme that transports one-carbon units from
molecule to molecule. These one-carbon transfer reactions
are required for the synthesis of thymidine, all purines
(adenine, guanine), pyrimidines (cytosine, thymine), and
several amino acids. Thymidine is necessary for DNA
synthesis, and the purines and pyrimidines are necessary
for all nucleic acid synthesis in the cell. When folate
synthesis is inhibited, cell growth is arrested due to the
inability to synthesize these macromolecules. Although
the sulfonamides rapidly block folate synthesis, bacteria
may continue to grow until their stored pools of folate are
depleted.

Folic acid is required for growth by both prokaryotic
and eukaryotic cells. Animal cells are unable to synthe-
size folate, but it enters the cells by active transport
from dietary supplementation. Since folate does not read-
ily enter bacterial cells, bacteria must manufacture their
own folate intracellularly. The difference in membrane
permeability accounts for the selective toxicity of sulfon-
amides to bacteria. Sulfonamides vary in solubility and
are usually administered in feed. Although sulfonamides
possess broad-spectrum activity, especially against Gram-
negative bacteria, resistance is widespread. Sulfamerazine
is approved for use in the United States against furun-
culosis in salmonids, but the drug was removed from the
market by the manufacturer.

Trimethoprim has a pyrimidine-like structure analo-
gous to a moiety of the folic acid molecule. In contrast
to the sulfonamides, trimethoprim rapidly inhibits bac-
terial growth. When trimethoprim is added to a culture
of growing bacteria, DNA, RNA, and protein synthesis
are all affected. Trimethoprim was initially synthesized
to maximize selective toxicity by exploiting the differ-
ences between eukaryotic and prokaryotic enzymes (6).
The combination of trimethoprim or ormethoprim, a simi-
lar compound, with a sulfonamide affords a synergistic
effect on cell growth. This effect, known as potentia-
tion, is substantial and is attributed to the fact that the
drugs inhibit different enzymes in the same biosynthetic
pathway. Romet 30% (Hoffman-LaRoche), a combination
of ormethoprim and sulfadimethoxine is a potentiated sul-
fonamide drug approved for use in foodfish in the United
States to treat Aeromonas and Edwardsiella. A similar
combination of trimethoprim and sulfamethoxazole, while
not approved for foodfish in the United states is widely
used overseas (16,17).

Inhibitors of DNA and RNA Synthesis

Quinolones. Quinolones form a large family of synthetic
agents originating from nalidixic acid, which was dis-
covered as a distillate product of chloroquine synthesis,
an antimalarial compound. Nalidixic acid and all newer
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quinolone agents are completely synthetic, and struc-
turally related compounds have not been identified as
products of living organisms (18). Analogs of nalidixic acid
include oxolinic acid and the newer fluoroquinolones, such
as sarafloxacin, enrofloxacin, and flumequine. Nalidixic
acid and oxolinic acid are active principally against
Gram-negative bacteria, while the fluoroquinolones have
a broader spectrum that includes some Gram-positive
bacteria and intracellular organisms like rickettsiae and
chlamydiae. The newer compounds are better absorbed
across the intestine. Most quinolones are rapidly bacte-
ricidal. All quinolones chelate divalent cations and are
inhibited by hard water, and possibly, divalent cations in
the diet.

Quinolones inhibit the activity of DNA gyrase, an
enzyme involved in the initiation, elongation, and
termination phases of DNA replication. Quinolones also
inhibit the transcription of certain operons, and aspects
of DNA repair, recombination, and transposition (18).
Quinolone inhibition is specific to bacterial gyrase and
does not affect similar enzymes in eukaryotic cells.

Metronidazole. Metronidazole belongs to a family of
compounds called imidazoles, some of which have
antifungal and anthelminthic activity. Metronidazole acts
against microaerophilic and anaerobic bacteria and some
intestinal protozoans by inhibiting hydrogen production.
Metronidazole is reduced on entering the susceptible
cell, to generate cytotoxic intermediates that cause a
loss of the helical structure of DNA, a process that
eventually leads to breakage of the cell’s DNA (4,19). The
selective toxicity of metronidazole is due to the lower
redox systems that only anaerobic organisms possess.
Metronidazole is bactericidal for anaerobic bacteria and
is considered the universal drug of choice for these
organisms. The compound is quite insoluble in water and
must be thoroughly dissolved before being added to water
or feed (20,21).

Rifampin. Rifampin (rifampicin) binds to DNA-
dependent RNA polymerase, blocking the synthesis of
mRNA and inhibiting cell growth. The selective toxicity
of the drug is based on its greater affinity for bacterial
polymerases than for equivalent eukaryotic enzymes.
Rifampin is a chemical derivative of the fermentation
products of the bacterium Streptomyces mediterranei and
is an effective anti-mycobacterial antibiotic. Although
used almost exclusively against mycobacteria, rifampin
has activity for other Gram-positive and some Gram-
negative bacteria. The efficacy of the drug in treating
mycobacteriosis in fish is unproven, but rifampin was
shown to be effective in experimental infection (22).

Interference with Enzyme Systems

Nitrofurans. Nitrofurans are synthetic antimicrobial
compounds, several of which are commonly used as
chemotherapeutants for bacterial fish pathogens. All
the derivatives have broad-spectrum activity against
Gram-positive and Gram-negative bacteria. Nitrofurans
are known to inhibit a variety of enzyme systems in
the cell; however, the exact mechanisms are not well

understood. Nitrofurantoin generally is more effective
at lower pH levels, and other nitrofurans are stable
in both fresh and marine waters. Nitrofurans are
photosensitive and are inactivated by bright light (8).
Nifurpirinol (Furanace) and nitrofurazone (Furacyn®) are
used as single bath treatments or by oral administration.
Palatability problems, however, can occur with oral usage
of the drug (23). Nitrofurans are strictly illegal for use
on foodfish in the United States because they were
shown to be carcinogenic and mutagenic. Nitrofurans
antagonize the antibacterial action of nalidixic acid and
oxolinic acid and should not be used together with these
compounds (6). Some scaleless fishes may be sensitive to
the nitrofurans (24).

Interference with Mycolic Acid Synthesis

Isoniazid. Isoniazid is an isonicotinic acid hydrazide,
a compound that inhibits mycobacteria, but does not
affect other types of bacteria or animals to any great
degree (4). Isoniazid is bactericidal against many actively
growing mycobacteria and is thought to inhibit the
synthesis of mycolic acid in the mycobacterial cell wall.
Isoniazid prevents the elongation of a 26-carbon fatty
acid, inhibiting the synthesis of long-chain fatty acids that
are precursors of mycolic acids (6). This primary effect
of the drug would explain both its limited spectrum of
action and its selective toxicity. The use of isoniazid for
mycobacteria in aquaculture remains controversial. Some
authors have suggested that there is no suitable treatment
for fish infected with mycobacteria, and thus, diseased
stocks should be destroyed (25,26).

Inhibitors of Cytoplasmic Membrane Activities

Polymyxins. Polymyxins are true antibiotics synthe-
sized by the bacterium Bacillus polymyxa. They are bacte-
ricidal, narrow-spectrum polypeptide antibiotics that act
primarily against Gram-negative bacteria. The polymyx-
ins exert a cationic detergent-like effect on the lipid bilay-
ers of the cell membranes. Associating with phospholipids,
they disrupt the structure of the cell membrane, resulting
in leakage of small molecules, such as nucleosides, from
the cell. The greater sensitivity of Gram-negative bacte-
ria to polymyxins is most likely explained by the higher
phospholipid content present in the cell envelope of these
bacteria compared with Gram-positive bacteria.

ANTIMICROBIAL SUSCEPTIBILITY TESTING

Definitions

Following the isolation and identification of a bacterial
pathogen, the next standard procedure is the determina-
tion of the organism’s susceptibility to various antimicro-
bial drugs. The sensitivity pattern, also referred to as an
antibiogram, determines which drugs are effective against
the bacterium and will likely afford successful treatment.

Antimicrobial susceptibility tests for bacteria can
be either quantitative or qualitative. In quantitative
tests the minimum amount of drug that inhibits the
visible growth of a bacterial isolate is determined. This



lowest concentration termed the minimum inhibitory
concentration (MIC), is determined by preparing serial
dilutions of the test drug in either broth or agar
and inoculating with the bacterial isolate. Following
incubation, the MIC is recorded as the highest dilution in
which there is no macroscopic growth. The MIC is also used
as a comparative index for other antimicrobial agents.

Qualitative tests categorize a bacterial isolate as
susceptible, intermediate, or resistant to a concentration
of a particular antimicrobial agent. The most common
qualitative method is the disk diffusion, or Kirby-Bauer,
technique. Utilizing this method, fresh (18—24 hours old)
bacterial colonies are placed into sterile physiological
saline to match a turbidity standard (0.5 McFarland)
representing 1.5 x 108 colony forming units/ml (CFU/ml).
The suspension is then swabbed onto the surface of a
Mueller-Hinton agar plate to create a lawn of bacteria.
Antimicrobial-containing disks are then placed on the
plate surface. During incubation the drug diffuses thought
the agar, establishing a concentration gradient around
each disk. Upon observation of the plates, the diameters
of zones of no growth also known as zones of inhibition are
measured. The sizes of the zones are compared to standard
sizes and interpreted as susceptible, intermediate, or
resistant (19). When working with marine bacteria, 1-3%
sodium chloride is usually added to the broths or agars,
to allow for the growth of halophilic organisms. The
addition of salt, may interfere with zone sizes and
should be interpreted only on a relative basis. The disk
diffusion method should not be performed on selective
or differential agars. In vitro susceptibility test results
do not always correlate with successful treatment of the
pathogen. Factors such as host response, drug dynamics,
and microbial activity affect the eventual outcome of
chemotherapy. Economic factors including cost, ease of
handling and delivery, as well as government regulation,
impact the availability and subsequent usefulness of drugs
in aquaculture.

BACTERIAL RESISTANCE TO ANTIMICROBIAL DRUGS

Bacterial resistance to antimicrobial drugs has become
widespread in aquaculture. Cultured fish have been
reported to be infected with resistant strains of
Aeromonas hydrophila, Aeromonas salmonicida, Edward-
stella ictaluri, Pasteurella piscicida, Vibrio anguillarum,
Yersinia ruckeri, and streptococci resistant to many drugs
used in aquaculture, including nalidixic acid, oxolinic acid,
tetracycline, sulfa drugs, and chloramphenicol (27).

Antimicrobial resistance emerges as a result of a
genetic change that is favored in the process of natural
selection and may be intrinsic or acquired. Intrinsic
resistance is an inherent physiological, biochemical
or morphological feature of the cell that prevents
antibiotic action. Intrinsic resistance is present in the
cell and not dependent on drug exposure. It results
from spontaneous chromosomal mutations that may alter
physical or biochemical properties of the bacterial cell.
Properties conferring intrinsic resistance include absence
or insensitivity of a target site, antibiotic inactivation, and
impaired antibiotic uptake.
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Acquired resistance implies that an organism has
developed resistance to a drug to which it was previously
susceptible, following exposure to the drug. Exposure
exerts the selective pressure, often resulting in the rapid
overgrowth of resistant cells, from which emerges a new
population of resistant cells. Acquired resistance confers
properties similar to those of intrinsic resistance, as well
as, enhancing antibiotic efflux, and causing overproduction
of target sites requiring higher drug concentrations
to inhibit bacterial growth (28). Acquired resistance
can occur as a result of spontaneous chromosomal
mutation or by the acquisition of extrachromosomal
elements, such as plasmids and transposons. Spontaneous
chromosomal mutations occur at a frequency of one
gene mutation per 10° to 107 cells per cell division.
These mutations can occur in the presence or absence
of the drug, resulting in both intrinsic and acquired
resistance.

Antibiotic resistance can be determined by genes that
reside in the cell chromosome, on plasmids, or on trans-
posons. Chromosomal mutations include both single and
multiple DNA base pair alterations. However, in the
vast majority of cases, the precise molecular basis of
the mutational events leading to antibiotic resistance
is unknown (28). As extrachromosomal genetic elements,
plasmids replicate independently of the bacterial chro-
mosome. Plasmid mediated antibiotic resistance is more
common than chromosomal resistance in pathogenic bac-
teria. Genes encoded by plasmids are more mobile than
chromosomal genes, because plasmids can be trans-
ferred both within and between certain bacteria. Trans-
posons are mobile DNA sequences capable of transferring
themselves from one DNA molecule (donor) to another
(recipient). Transposons are not able to replicate inde-
pendently and must be maintained either in the host
chromosome or in plasmids. It is believed that trans-
posons account for the emergence of multiple drug resis-
tant bacteria.

Numerous reports in the literature document the
emergence of antimicrobial drug resistance in bac-
terial pathogens of fish and shrimp (29). In the
case of quinolone antibacterial drugs resistance is
conferred by chromosomal mutation (18). Resistance
to older quinolones such as nalidixic and oxolinic
acids has been evidenced in such fish pathogens as
A. salmonicida (30-32), V. anguillarum (27,33), and
Y. ruckeri (34). The newer quinolones such as sarafloxacin
and enrofloxacin have shown to be effective against mul-
tiple resistant strains of Aeromonas spp.(35—37) and
A. salmonicida (38).

Antibiotic resistance to all other antimicrobial drugs
is known to be conferred by chromosomal mutation, but
primarily through plasmid acquisition. Plasmids trans-
ferring resistance to as many as five antimicrobial
drugs have been identified from fish pathogens includ-
ing Vibrio salmonicida, V. anguillarum, A. salmonicida,
A. hydrophila, Edwardsiella tarda, Citrobacter freundii,
and Y. ruckeri (31,33,39—45). Promising compounds such
as florfenicol, a chloramphenicol analog, and a new gener-
ation of cephalosporins currently are being evaluated for
use against bacterial fish pathogens (35,46,47).
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IMMUNOMODULATION BY ANTIMICROBIAL DRUGS

Immunomodulation is a consequence of a change in the
number or function of the cells involved in the immune
response. Reports have described positive and negative
effects, as well as no effect at all, of antimicrobial
drugs on the immune response (48). Most studied are
the immunomodulating effects of oxytetracycline (OTC),
which appears to impair cellular immunity by decreasing
mitogen response. Humoral immunity was suppressed
in carp evidenced by a significant decrease in antibody
producing cells during a primary immune response;
however, no effect was observed during the secondary
response (49). Some researchers speculate that in cases
where the specific response is blocked, the phagocytic
defense system becomes more active (49). Pharmacological
studies have demonstrated that oxytetracycline (OTC)
accumulates in lymphoid tissue which may explain the
negative influence of the antibiotic on the immune
response of carp. OTC also is known to suppress the
antibody response on rainbow trout, while in certain
experiments, potentiated sulfonamides did not. Grondel
et al. (60) showed that at low concentrations of some
chemotherapeutants can stimulate, while higher doses
can inhibit, the immune response.

CHEMOTHERAPEUTIC REGULATION

Most of the drugs discussed are NOT approved for use
in foodfish by the U.S. Food and Drug Administration
and represent experimental or extralabel use. However,
oxytetracycline is currently approved for use in certain
species for the treatment of some Gram negative bacteria
and Streptococcus iniae, and Romet?® is approved for the
treatment of Aeromonas and Edwardsiella infections in
foodfish (13). Investigational New Animal Drug protocols
(INAD) are being developed, such as erythromycin for use
in salmonids to treat infections caused by Renibacterium
salmoninarum.

Individual fish sensitivity may vary with the drug,
treatment time, and dosage. Fish should always be treated
in clean water, and water should be changed following the
termination of treatment. Aeration and filtration should
be maintained during treatment, but activated may have
to be removed.
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Plants have developed a number of survival mechanisms to
reduce the chances of their seeds being eaten or digested by
insects, birds, or other animals. One defense mechanism
is the production of compounds called antinutrients or
antinutritional factors (ANFs), which are toxic to the
animals or inhibit digestion of the seeds. Other compounds,
for which the primary purpose in the seeds is not
protection, can lower the bioavailability of nutrients
to animals or otherwise affect their health. Research
with mammalian models in the past 10-15 years has
revealed some beneficial effects of certain ANFs, such
as the reduction of blood lipids and the reduction in
the incidence of cancer (1). Health benefits to fish have
not been reported. Therefore, antinutritional factors are
an important consideration in animal and fish nutrition
because many feed ingredients used in animal and fish
feeds are produced from grains, legumes, and oilseeds.

Two main approaches to eliminating ANFs in feed
ingredients are the destruction/removal of ANFs during
seed processing and changing specific genetic character-
istics of the seeds. Some antinutritional factors can be
destroyed or removed through certain processing con-
ditions (e.g., high-temperature extrusion processing of
soybean or canola meal and solvent extraction of whole
oilseeds or their protein-rich by-products following oil
extraction). The ANF concentrations in other products
have higher lowered to acceptable levels by selective
breeding of some oilseeds. Selective breeding has led to
the development of new plant cultivars that have higher
nutritive value for monogastric finfish species and other
animals than the meals derived from their progenitor
seeds. More recently, molecular-biology procedures have
been employed to develop transgenic seeds with decreased
levels of deleterious compounds. Nevertheless, antinutri-
tional factors in feed ingredients of plant origin remain
a source of concern, especially in fish feeds, where much
less is known about the sensitivity of the fish to these
compounds.

GRAINS

Grains are the foundation of most animal and some fish
feeds. Ground whole-cereal grains (e.g., corn, wheat, rice,
barley, and sorghum) constitute at least 50% of feeds
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for channel catfish (Ictalurus punctatus), tilapia, carp,
and many other omnivorous fishes. Feeds for carnivorous
fish, such as salmon, trout, and sea bass, contain ground
whole grains at 10—-20% of feed formulations and often
include products made from grains, such as gluten meals
(typically wheat and corn) or milling by-products. The
antinutritional factors present in grains are protease
inhibitor, hemagglutinins, cyanogen, phytic acid, tannins,
estrogenic factors, antivitamin B-1, amylase inhibitor,
invertase inhibitor, and dihydroxyphenylalanine (Tables 1
and 2) (2). Of these, phytic acid and hemagglutinin are of
principle concern to fish feed producers.

Phytic acid, or phytate, is the hexaphosphate of
myoinositol and is the storage form of phosphorus in seeds.
In this form, phosphorus is unavailable to monogastric
animals, including fish, because these animals lack
intestinal phytase. Research with fish has demonstrated
that phytic acid can lower the bioavailability of zinc
and some other divalent ions, making it necessary to
fortify fish diets with supplemental zinc when feeds
contain phytic acid. Gatlin and Wilson (3) found that
in order to ensure good growth and feed efficiency, the
zinc concentration in catfish feeds must be increased
five times when phytate-containing ingredients are used.
Further, Richardson et al. (4) showed that the addition of

Table 1. Key to Antinutritional Factors in Feed

Ingredients®
Number Antinutrient Heat Sensitive
1 Trypsin inhibitors Yes
2 Hemagglutinin Yes
3 Glucosinolates No
4 Cyanogen No
5 Phytic acid Yes/No
6 Saponins No
7 Tannins No
8 Phytoestrogens No
9 Gossypol No
10 Antivitamins Yes
11 Amylase inhibitor Yes
12 Invertase inhibitor Yes
13 Arginase inhibitor Yes
14 Cholinesterase inhibitor ?
15 Dihydroxyphenylalanine No
16 Mimosine No
17 Cyclopropenoic acids No

%Adapted from Jauncey (2).

Table 2. Antinutritional Factors
in Grains®

Grain Compounds?

Corn 2
Wheat
Rice
Barley
Sorghum
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8,11, 15
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5
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, 2, 7,11

4Adapted from Jauncey (2).
bSee Table 1 for the key to antinutritional
compounds.

phytate to chinook salmon feeds, which contained high
levels of calcium and phosphorus as well as an adequate
dietary zinc level (in the absence of phytate) induced
zinc deficiency. The zinc deficiency led to bilateral-lens
cataracts, anomalies in the structure of the pyloric-
caecal region of the intestine, reduced growth, lowered
feed efficiency, and reduced thyroid function. Spinelli
et al. (5) reported that adding phytates to rainbow-
trout feeds reduced protein bioavailability, presumably
through the formation of protein-phytic-acid complexes.
However, depressed protein bioavailability has not been
observed in trout and salmon which were fed diets
containing ingredients inherently rich in phytic acid due
to processing (6). While phytate can also chelate other
divalent cations (e.g., manganese, copper, magnesium, and
iron), there is no evidence that nutritional deficiencies of
these elements can occur in fish. Certainly, reduction of the
phytate levels in fish feed ingredients is desirable for the
reasons mentioned previously and to decrease excretion of
unavailable phytate phosphorus into the environment.
Phytate phosphorus excretion is of particular concern
in freshwater systems where the excess phosphorus can
stimulate the growth of phytoplankton and algae.

Recently, plant geneticists have developed varieties
of corn and barley that are lower in phytate content
than common varieties. These newer varieties contain
the typical amount of phosphorus, but much less of the
phosphorus is bound to phytic acid. The bioavailability
of phosphorus to rainbow trout from low-phytate corn
and low-phytate barley was significantly higher than in
common corn and barley (7). Similar results will likely be
found in other fish species. High-temperature extrusion
also appears to be a practical way to reduce the levels
of phytate in some plant-protein products before their
dietary incorporation, while having beneficial effects on
fish performance (8).

Hemagglutinins, also known as lectins, are proteins
which cause agglutination of erythrocytes (red blood cells)
in vitro. Hemagglutinins are destroyed by the acidic
conditions in the stomach, suggesting that species of fish
possessing acid stomachs will not be affected by them. For
carp and other agastric fish species, hemagglutinins could
be a problem; however, heat treatment inactivates them.
The heat involved in pelletizing fish feeds likely eliminates
these compounds as practical problems in fish farming.

Estrogenic factors in plants, also called phytoestrogens,
are compounds having weak estrogenic activity which are
found in several grains (e.g., barley, oats, rice, and wheat).
The compounds having estrogenic activity in grains are
isoflavones, coumestans, and resorcyclic acid lactones (9).
The amounts of these compounds present in grains are
low, and it is unlikely that they have any significant effect
in fish at the levels present in fish feeds. However, studies
to confirm this have not been done.

Amylase is an intestinal enzyme used to digest
carbohydrates. Amylase inhibitors are found in wheat
and beans. They have been reported to be heat sensitive
[e.g., 95—100°C (203—-212°F) for 15 min] and digested by
pepsin (10). Carnivorous fish (e.g., salmon and trout) have
low levels of amylase in their intestine, but herbivorous
fish (e.g., carp) have much higher levels, presumably



Table 3. Antinutritional Factors
in Oilseeds®

Oilseed

Compounds®

,6,8,10
1,17

Soybean 1,2,3

Cottonseed 5,8,9

Rapeseed/canola 3,5, 7
1,2,5
1,7, 1
5

= Ot

Peanut
Sunflower
Sesame

%Adapted from Jauncey (2).
bSee Table 1 for the key to antinutritional
compounds.

associated with their natural diet (9). In both trout and
carp, wheat flour inhibits about 80% of the amylase activity
of intestinal fluid. Ground wheat is less inhibitory than
wheat flour. The use of wheat flour in fish feeds likely
results in reduced amylase activity and thus reduced rates
of carbohydrate digestion, especially in fish with little
endogenous amylase and in agastric fish lacking pepsin.

OILSEEDS

A number of feed ingredients produced from oilseeds are
important in fish feeds, including soybean meal, cottonseed
meal, and canola (rapeseed) meal. To a lesser extent,
other oilseed meals, including peanut meal, sunflower
meal, and sesame seed meal, are included in fish feeds
where availability and economics support their use. The
antinutritional compounds found in oilseeds are trypsin
inhibitors, glucosinolates, phytic acid, saponins, tannins,
phytoestrogens, gossypol, antivitamin E, A, D, B-12,
arginase inhibitor, and cyclopropenoic acids (Table 3).

SOYBEAN PRODUCTS

Soybean meal contains antinutritional compounds, which
must be removed or inactivated by processing before the
meal can be used successfully in animal or fish feeds.
The principal compounds of concern in soybean meal are
trypsin inhibitors, which reduce protein digestibility by
binding with the digestive enzyme trypsin in the intestine
of the animal. Trypsin inhibitors are sensitive to heat, and
once oil is extracted from soybeans, ordinary processing
lowers the level of trypsin inhibitors in the dried meal
to levels that do not affect the growth of most domestic
animals and some species of fish (e.g., catfish). Salmon and
trout, however, are more sensitive to the trypsin inhibitor
level. Thus, more extensive heat treatment is necessary
to reduce residual trypsin inhibitor levels below 5 mg/g,
the level above which protein digestibility and growth
performance are affected (11). However, overheating the
soybean meal may reduce protein quality by fostering
reactions between amino acid residues and portions of
the carbohydrate fraction in soybeans. Trypsin inhibitor
levels were rapidly lowered in unheated soy flakes from
181 trypsin units inhibited (TUI)/mg sample to 1.8 TUI
after 20 minutes of heat treatment (120°C, 25 psi) (12).
Protein solubility was reduced from 98 to 70% by this
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treatment, but further heating to 40 minutes or more
reduced protein solubility to less than 33%, an indication
of overheating (13). Protein digestibility, measured in vivo
using rainbow trout (Oncorhynchus mykiss), was increased
from 74 to 91% by 20 minutes of heat treatment. This
difference was presumably the result of heat inactivation
of trypsin inhibitors. Channel catfish and carp are reported
to be less sensitive than salmonids to trypsin inhibitors in
soybean meal (14-16).

Regular solvent-extracted soybean meal, the most
commonly used soybean product in feeds, is heat-treated
to some extent during its manufacture, resulting in values
of about 3.0 to 3.5 mg trypsin inhibited/g sample (17).
Further heating occurs during feed pelleting, especially
during cooking-extrusion pelleting (see the entry “Feed
manufacturing technology”). This process presumably
lowers trypsin inhibitor activity further. Full-fat soybeans
(toasted whole soybeans) containing 46.5 mg TUI had TUI
values of 7.6 and 8.5 after being extruded (18), illustrating
the effects of cooking-extrusion on trypsin inhibitor levels.

Soy protein concentrates have low levels of trypsin
inhibitor (12,19), but contain levels of phytic acid that are
at least as high as those in soybean meal (12). The enzyme
phytase releases phosphorus from phytic acid, and the
addition of phytase to catfish feeds significantly improves
the phosphorus availability in soybean-meal-based feeds.

Chemical Tests for Detecting Underheated-Soybean Meal

The various chemical tests used to determine the ade-
quacy of heat treatment of soybean meal can be divided
into two groups: those that detect underheated soybean
meal and those that detect overheated meal (20). Chemical
tests used to detect underheated soybean meal are tests
of urease activity, trypsin activity, and protein solubil-
ity. Urease is an enzyme naturally-present in soybeans
that does not have any substantial nutritional relevance,
except that it is heat-sensitive and its activity correlates
with residual trypsin activity in dried soybean meal. It
is also relatively easy to measure (21). Urease activity
in commercial soybean meal ranges from a 0.02 to 0.1
increase in pH (20). Values over a 0.5 increase in pH indi-
cate insufficient heat treatment of the soybean meal. If no
increase in pH is detected with the urease test, the soybean
meal may have been overheated. Thus, some residual ure-
ase activity in the meal is preferred, especially for soybean
meal intended for use in poultry feeds. Unheated soybean
meal has a >2.25 pH rise in urease activity (22).

Another method for measuring the extent of heat treat-
ment of soybean meal is the water solubility test. This test
involves measuring Kjeldahl nitrogen levels in the soy-
bean meal and in a water extract of the soybean meal (20).
The method has been slightly modified by extracting the
sample in 0.2% KOH (13). Heating decreases the percent-
age of 0.2% KOH-extractable proteins from about 99% in
raw soybean meal to about 72% after 20 minutes of auto-
claving. The corresponding decrease in trypsin inhibitor
units is from 21.1 to 1.0 (13).

Soy products contain compounds that influence feed
intake, gut histology, and immunological function (11).
Complete replacement of fish meal with soybean meal
in trout feeds lowered growth, primarily by lowering
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feed intake, but partial replacement of fish meal with
soybean meal (e.g., 29% soybean meal and 42% fish
meal in the diet) had no effect on trout feed intake or
growth (11). Tolerance of trout to dietary soybean meal
appeared to be higher in larger fish and at higher water
temperatures. Intestinal mucosa of trout, which were fed
soybean-meal-containing diets, were blunted or flattened,
thus decreasing the absorptive surface of the proximal
and distal intestine. However, it is not known if these
intestinal changes are responsible for differences in growth
associated with feeding diets containing high levels of
soybean meal (11). Antigens present in soybean products
stimulate the nonspecific defense mechanisms of trout, but
it is unknown if such stimulation of the immune system
results in higher resistance to infectious disease (11).

Other Oilseed Products

The other major antinutritional factors associated with
other oilseed meals are as follows: glucosinolates and
erucic acid in canola/rapeseed meals and gossypol
and cyclopropenoic acid in cottonseed meal (Table 3).
Glucosinolates interfere with the function of the thyroid
gland in fish, posing problems during metamorphosis,
smoltification, and maturation (23). Glucosinolates alone
are not harmful compounds, but when they are hydrolyzed
by the enzyme myrosinase in poorly-processed meals or
by intestinal microorganisms, an array of products can
result such as thiocyanate ions, isothiocyanates, nitriles
and goitrin, depending upon the hydrolysis conditions.
Isothiocyanates and nitriles are precursors to thiocyanate,
which inhibits uptake of iodide, by the thyroid gland.
Extra supplementation of the diet with iodine can
overcome this. Goitrin actually inhibits the ability of
the thyroid to bind iodide, and providing supplemental
iodine cannot overcome this problem. Typically, the major
consequences of thyroid function impairment include
thyroid hypertrophy and hyperplasia and depressed
thyroid hormone synthesis and plasma thyroid hormone
titres. These effects lead to reductions in growth, feed
intake, and feed utilization. Fortunately, varieties of
rapeseed (called canola), which contain very low levels
of glucosinolates, have been developed through genetical
selection, and residual levels of the glucosinolates can be
further decreased by solvent extraction and other means.
Hence, the glucosinolates present in some canola protein
products (e.g., concentrates and isolates) are very low in
concentration and do not pose a problem.

Erucic acid is a 22-carbon monounsaturated fatty acid,
and may constitute 20—-55% of rapeseed oil (23). This
compound causes lipid accumulation and necrosis of the
heart tissue (24) and is toxic to coho salmon when fed at
3—-6% of the diet (9). However, no erucic acid problems
have been reported when rapeseed or canola meals are
included in fish feeds, presumably because nearly all of
the oil has been removed from these meals. The varieties
of canola that have been developed contain lower levels
of glucosinolates and erucic acid than in earlier rapeseed
varieties. The use of rapeseed/canola-protein products in
fish feeds has recently been thoroughly reviewed (6).

The presence of fiber, both independently and perhaps
in combination with phytate, in oilseed meals such as

commercial canola meal, appears to have the greatest
adverse effects on feed digestibility in salmonids like the
rainbow trout (25). Indeed, the insoluble fibers in the meal
may depress the gut transit time and the absorption of
amino acids and peptides, whereas the soluble fibers could
inhibit digestive enzymes and restrict the diffusion of
hydrolysis products (26).

Gossypol causes a number of problems in fish, including
anorexia and increased lipid deposition in the liver.
Gossypol is contained in the pigment glands of cotton,
therefore, glandless cotton is free of gossypol. Fish species
differ in their sensitivity to gossypol, with trout being
sensitive, channel catfish more sensitive, and blue tilapia
the most sensitive of the species for which information
is available (23). Growth depression occurred in trout,
which were fed more than 290 mg gossypol/’kg diet, with
more than 900 mg/kg for channel catfish and 1800 mg/kg
for tilapia needed to lower growth. Solvent-extracted
cottonseed meal samples from the United States contained
between 400 and 800 mg gossypol/kg (27). Thus, catfish
feeds containing no more than 20% cottonseed meal
would not deliver enough gossypol to affect the fish. The
use of cottonseed meal in fish feeds has recently been
thoroughly reviewed (27). Cottonseed meal also contains
cyclopropenoic fatty acids (sterculic and malvalic acids).
These fatty acids are quite toxic in their own right and
powerful carcinogens when fed to rainbow trout or salmon
in combination with aflatoxins, fairly common toxins
produced by Aspergillis flavis, a common mold found on
grains (9). Cottonseed meal contains residual levels of
cyclopropenoic fatty acids, even after oil extraction. Thus,
it should not be used in feeds for trout or salmon.

LEGUMES

Legumes include peas, beans, alfalfa and ipil-ipil. Many
contain trypsin inhibitors, hemagglutinin, cyanogens,
phytic acid, saponin, antivitamin factors, and mimosins
(Table 4). Most of these antinutritional factors have been
discussed previously, with the exception of saponin and
mimosin. Saponin is a nonprotein constituent of soybeans,
which makes up about 0.5% of the weight of the soybean
and is extractable from soybean globulins with alcohol.
Isolated saponins do not harm chicks, rats, or mice when
fed up to three times the amount found in soybean meal,
but a crude saponin extract of soybean meal is reported to
lower the feed intake of chinook salmon fingerlings and to

Table 4. Antinutritional Fac-
tors in Legumes®

Legume Compounds?

Faba bean 1
Chick pea 1
Lentil 1,
Lupin 1
Ipil-ipil 1
Alfalfa 1

4Adapted from Jauncey (2).
bSee Table 1 for the key to antinutri-
tional compounds.



Table 5. Antinutritional Factors in

Tubers®

Tuber Compounds?®
Potato 1,2,4,8, 11,12, 14
Sweet potato 1,12

Cassava 1,4

4Adapted from Jauncey (2).
bSee Table 1 for the key to antinutritional
compounds.

reduce the growth of rainbow trout (28). Mimosin is found
in ipil-ipil, and its effects on fish are unknown.

TUBERS

Tubers are potatoes, sweet potatoes, and cassava. The
most important antinutritional factors in tubers are
trypsin inhibitors, although potatoes also contain hemag-
glutinin, cyanogen, phytoestrogens, amylase inhibitor,
invertase inhibitor, and cholinesterase inhibitor (Table 5).
Cooking tubers before including them in feeds reduces
the levels of these antinutritional factors to insignificant
levels, especially considering the small amount of tuber
products used in fish feeds.

OTHER ANTINUTRITIONAL FACTORS FOUND IN FEED
INGREDIENTS

Thiaminase

Many species of fish, mainly freshwater species, contain
thiaminase, an enzyme that hydrolyzes thiamin in
feed preparations (23). Thiaminase is destroyed by heat
treatment and also by the acidification used to produce
fish silage. Thiaminase is a relatively slow-acting enzyme,
therefore, feeding raw fish combined with dry mash within
hours of preparation is not a high risk. An alternative
strategy is to feed raw fish and dry mash containing
thiamin separately.

Histamine and Gizzerosine

Histamine, 4-(2-aminoethyl)imidazol, is a primary amine
arising from the decarboxylation of the amino acid, L-
histidine. The toxic effects of histamine in the food supply
of humans has been positively associated with scombroid-
fish poisoning (29), an allergic reaction resulting from
the ingestion of spoiled fish, usually of the families
Scombridae and Scomberesocidae. The U.S. Food and
Drug Administration has established a hazard-action level
of 50 mg histamine/100 g canned tuna (30), and for fresh
and frozen fish, the level is 20 mg histamine/100 g fish (31).

Histamine production in fish muscle can be controlled
by low storage temperatures, which often help to reduce
enzymatic and most microbial activities. However, if
onboard refrigeration is inadequate, many of the fish
captured could undergo significant deterioration prior
to processing into fish meal. During the processing of
fish meal (capture, transport, and storage), microbial
and enzymatic degradation can take place rapidly at
warm temperatures to produce high concentrations of
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histamine. If a significant portion of the catch is delivered
to processing plants in a partially-decomposed state, then
further degradation can occur after the fish have been
unloaded, especially if the raw material is stored in
nonrefrigerated concrete pits prior to processing (32).

Gizzard erosion and the resultant black vomit disease of
chickens has long been associated with feeding thermally-
abused fish meal, but it was not until 1983 that an active
substance from fish meal was isolated (33). The active
compound named gizzerosine was presumably formed
through the condensation of histamine with the epsilon
amino group of lysine during high-temperature processing
of raw fish into fish meal. Mori et al. (34,35) synthesized
several forms of the compound and established the L-form
as a potent inducer of gizzard erosion in chickens. In
one study, Mori et al. (34) observed severe gizzard erosion
in chickens fed less than 50 ug gizzerosine/day (about
2.2 mg/kg diet) for one week. Considerable experimental
evidence indicates that gizzerosine induces gizzard erosion
in chickens by hyperstimulating the gastric-acid-secreting
cells of the proventriculus.

Putrescine and cadaverine, as well as tyramine, g-
phenylethylamine, and tryptamine, have been shown to
potentiate histamine toxicity in vivo by inhibition of the
histamine-metabolizing enzymes, diamine oxidase and
histamine-N-methyltransferase (36). These data strongly
suggest that fish meal toxicity to chickens is most likely
related to the complex interactions among many chemical
compounds found in degraded fish products.

In a study by Fairgrieve et al. (37), growth, feed
intake, and the development of gastric abnormalities
were assessed in juvenile rainbow trout. The fish were
fed diets containing fish meal, which was acutely toxic
to chickens, or they were fed casein or fish meal diets
supplemented with histamine and two suspected poten-
tiators of histamine toxicity (putrescine and cadaverine)
and abusively heated. Rainbow trout were less sensitive
than chickens to gastric erosion (GE)-positive fish meal,
and there was no correlation between the GE score and
the nutritional value of the fish meal for rainbow trout.
Fish, which were fed diets containing GE-positive fish
meal, had distended stomachs but no gastric lesions or
cellular abnormalities. Similar effects were obtained by
feeding diets containing casein or GE-negative fish meal
supplemented with histamine (2,000 mg/kg dry diet). The
addition of putrescine and cadaverine (500 mg/kg dry diet
each) to the histamine-supplemented diets had no further
effect. Feed consumption, feed efficiency, and growth were
similar among dietary treatments, indicating that stom-
ach distension did not reduce feed intake or impair gastric
function. This study also showed that stomach distension
resulting from feeding diets containing GE-positive fish
meal could be duplicated by feeding diets supplemented
with 2,000 mg histamine/kg diet.

Phytotoxins (Toxins of Algal Origin)

Many species of marine algae are capable of produc-
ing toxins, including paralytic shellfish toxin (PSP),
diarrheic shellfish toxin (DSP) and domoic acid, which
causes amnesic shellfish poisoning (ASP) (38). Shellfish,
specifically bivalve mollusks, concentrate these toxins and
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are the principal vector through which the toxins are
transferred to humans and possibly to farmed fish. Very
little is known about the direct effects of these toxins on
farmed fish or on the accumulation and/or biotransforma-
tions that may occur if farmed fish are fed diets containing
contaminated shellfish or other marine product contain-
ing toxins. However, the potential human health risk is
serious (38).

Sardines, and presumably other fish utilizing algae
as food, consume algae containing domoic acid without
apparent signs of toxicity (39). If these fish are harvested
and used to produce fish meal, domoic acid, which is
heat stable, can be concentrated in the fish meal by
a factor of at least three, reaching 130 pg domoic acid
per g fish meal (40). Rainbow trout, which were fed diets
containing contaminated fish meal, did not exhibit any
signs of toxicity or growth retardation, even though they
consumed 50 ug domoic acid per kg body weight, much
more than is required to cause illness in humans. Domoic
acid was present in the GI tract of the trout, but not in the
edible tissues (40).

MICROBIAL TOXINS

Molds that grow on feed ingredients and on prepared
feeds are an important group of toxins affecting fish (9).
In particular, aflatoxins, which are produced by the mold
Aspergillis flavis, cause serious health problems in fish
at much lower intake levels than in terrestrial animals.
Cottonseed meal, peanut meal, and corn products are
the most problematic feed ingredients with respect to
aflatoxins, and grains including wheat, rice, barley, and
oats are the next most problematic feed ingredients (9).
Prolonged intake of very low levels of aflatoxin (<1 ppb)
causes liver cancer after one year in rainbow trout,
the most sensitive vertebrate to aflatoxin intake. Acute
toxicity in rainbow trout is observed when fish are fed
diets containing between 0.8 ug and 1.9 ug aflatoxin per g
feed, depending upon the type of aflatoxin. Differences in
sensitivity exist among strains of rainbow trout, among
trout species, among other salmonids, and among other
species of fish. Coho salmon and channel catfish, for
example, are much more resistant to aflatoxin exposure
than are rainbow trout (9). Other mold toxins of concern
in fish feeding include ochratoxin, sometimes found as
a contaminant of corn and wheat, vomitoxin, found in
cereal grains, and T-2 toxin, also found in cereal grains.
Of these, only vomitoxin has been evaluated in fish, with
dietary levels of 20 pg toxin/g feed or higher causing feed
refusal in trout (41). Obviously, fish should never be fed
moldy feed.

SUMMARY

The biological significance of antinutritional factors in
feed ingredients varies among factors and within factors
among fish species. Research to document the relative
importance of antinutritional factors in fish is extensive
for some (e.g., glucosinolates), less extensive for others
(e.g., phytic acid, trypsin inhibitors, gossypol), and nearly
absent for others. If compounds that lower feed palatability

are included in the antinutritional factor category, the
practical significance of antinutritional factors increases.
As use of feed ingredients from grains and oilseeds in
fish feeds increases, the importance of understanding
the biological effects of antinutritional factors on farmed
fish and of developing methods for inactivating the
antinutritional factors or overcoming their effects will
become a critical element in the expansion of aquaculture
production.
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Aquatic vegetation control can be one of the most perplex-
ing problems facing any pond manager. Aquatic vegeta-
tion, particularly rooted and floating vegetation, may limit
production and complicate feeding, harvesting, and preda-
tor control (1). Many water quality problems such as low
dissolved oxygen, high carbon dioxide, and toxic nitroge-
nous compounds are driven by aquatic vegetation (2).
Water-level manipulation (through clogging drains and
intakes) in ponds and raceways can also be complicated by
aquatic vegetation. Most water quality concerns in heavily
fed and fertilized aquaculture ponds are driven by plank-
tonic algae. Certain algae produce off-flavor compounds
that result in unmarketable products and disrupt cash
flow, production sequencing, and marketing strategies.

CLASSIFICATION OF AQUATIC VEGETATION

Aquatic vegetation is generally classified as either
(1) algae, (2) floating, (3) submerged, or (4)emergent.
These classification groups are somewhat arbitrary, and a
few species appear to overlap more than a single group.

Some aquatic plants now common to many countries
are not native (nonindigenous) to that continent. These
include water hyacinth, hydrilla, Eurasian watermilfoil,
giant water fern, and water lettuce. Aquarium and
water garden enthusiasts have spread many of these
species because of their attractiveness or because of
accidental inclusion in shipments of other ornamental
plants. However, in aquaculture even native species
can become nuisances, because their rapid growth is
stimulated by the high nutrient content common to
culture ponds (2). For purposes of this discussion, forms
or species will be limited to those that are most commonly
problematic in aquaculture. Identification is the first key
step in developing a management strategy for aquatic
vegetation. Many publications, web sites, and computer
software packages are available to assist in identifying
aquatic vegetation (3—6).

Algae

Algae are the most common type of aquatic vegetation in
aquaculture ponds (7). There are thousands of species of
algae. Various algal species inhabit all known ranges
of temperature and salinity in aquatic environments.
Algae vary greatly in size and body form, ranging
from microscopic single-celled species to groups of cells
called colonies, or chains of cells called filaments (Fig. 1).
Based on size and shape, algae are usually subdivided
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Spirogyra spp.

Oscillatoria spp.

Figure 1. Structures of three types of algae common to
aquaculture ponds. (Used by permission from IFAS, Center for
Aquatic Plants, University of Florida, Gainesville, 1990.)

into three groups: (1) planktonic, (2) filamentous, and
(3) macroalgae. The largest multicellular or macroalgae
species are the marine kelps.

Algae do not flower or bear seeds, unlike most other
aquatic plants. Algal reproduction, depending on the
species, can be by asexual division, by resting cell or “cyst”
formation, or by a simple form of sexual reproduction that
results in spore formation. In some species spores and
cysts can resist desiccation and can be borne by winds or
birds to colonize other bodies of water (8). The production
of new plants or colonies by fragmentation of multicellular
forms is also common.

In pond aquaculture, some of the most problematic
algae are single-celled and small multicellular species
that proliferate in vast numbers [Anabaena, Anacystis
(formerly Microcystis), Cosmarium, Coelastrum, etc.].
These dense algal or phytoplankton populations are
referred to as “blooms.” While the blooms produce most of
the dissolved oxygen in ponds, they also can cause wide
fluctuations in dissolved oxygen, carbon dioxide, nitrogen,
and phosphorus levels in ponds, as their populations
rapidly expand and die (2). Some species of algae can
be toxic to other aquatic organisms and even man; these
include Anacystis, Anabaena, Gonyaulax, Gymnodinium,
and Pfiesteria (9).

Filamentous algae (Spirogyra, Lyngbya, Pithophora,
Oedogonium, etc.) are often problems in pond, cage (or
net pen), and raceway culture. Filamentous algae usually
start growing along the pond bottom or become attached
to structures in the water (e.g., cage mesh, raceway walls,
etc.) wherever sunlight penetrates. Filamentous algae

often form thick mats along the pond bottom that, as
they grow, trap gasses among the filaments. This trapped
gas eventually causes the mats to peel off the bottom
and float to the surface. The floating mats of filamentous
algae are often referred to as “pond scum or pond moss.”
Filamentous mats can entrap and kill larval fish, trap
feed and make it unavailable to culture organisms, reduce
culture chamber volume, complicate seining (or make it
impossible), and if they cover most of the surface they can
cause oxygen depletions (10).

In freshwater, there a few macroalgaes that resemble
rooted, submerged aquatic macrophytes. These include
members of the stonewort family. Common among these
are Chara (Fig. 2) and Nitella species. These macroalgae
do not have true roots and are attached to the pond
bottom with rhizoids. Kelp, planktonic algae, and floating
filamentous algae get their nutrients directly from the
water column.

Marine macroalgaes (i.e., kelps) are an integral part of
certain marine ecosystems. Some varieties of kelp are
cultured, or harvested from the wild, as food or food
supplements for humans and animals. Marine kelps can
foul net pens, causing water circulation problems and
reducing functional culture volume (11).

In aquaculture, algae growth is sometimes promoted
through fertilization to stimulate the natural food chain for
the species being cultured. Elaborate steps are taken, and
selected fertilizers applied, to produce algal blooms or mats

Chara spp. Muskgrass

Figure 2. Chara spp., muskgrass, is a member of the stonewort
family of macroalgaes. (Used by permission from IFAS, Center
for Aquatic Plants, University of Florida, Gainesville, 1990.)
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for particular culture situations (12). Pond production of Floating Plants

many SP‘?CieS Ofﬁ.Sh and shellfish larvae and fry depend on Free-floating plants include such groups as the duckweeds
fertilization to stimulate phytoplankton and zooplankton (Lemna and Spirodela; Fig. 3), water hyacinth (Eichhornia
blooms for the cultured species to feed on (see the entry crassipes; Fig. 4), water lettuce (Pistia stratiotes), some
“Fertilization of fish ponds”). forms of bladderwort (Utricularia spp.), and water
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Wolffia spp.
Watermeal

Lemna minor
Duckweed

LR

Spirodela polyrhiza
Giant duckweed

Figure 3. As free-floating plants, duckweeds and watermeal can become problematic when they
cover the water surface. (Used by permission from IFAS, Center for Aquatic Plants, University of
Florida, Gainesville, 1990.)
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Eichhornia crassipes
Water hyacinth

Figure 4. The water hyacinth is considered one of the most
noxious aquatic weeds in the world. (Used by permission
from IFAS, Center for Aquatic Plants, University of Florida,
Gainesville, 1990.)

ferns (Azolla and Salvinia spp.) (13,14). Water hyacinth,
water lettuce, and giant salvinia are examples of
aquatic plants that have been carried by man into
nonindigenous environments. The water hyacinth is
considered one of the most noxious aquatic weeds in
the world. Floating plants like water hyacinth, water
lettuce, and bladderwort are not usually a problem in
aquaculture situations and can be removed by physical
means (i.e., seining). The duckweeds (Family Lemnaceae),
and particularly watermeal (Wolffia columbiana), are
the smallest flowering plants (angiosperms) in the
world. Duckweeds, watermeal, and water ferns can be
problematic in aquaculture where they can rapidly cover
the water surface, thus reducing oxygen production
and transfer (15). Duckweeds are occasionally cultured
to feed the young of species like tilapia and grass
carp (16).

Submerged Plants

Submerged, or submersed, aquatic vegetation refers to
those plants that grow underwater and, in some species,
up to the water surface. Some submerged plants have
small vegetative structures and/or flowers, as well as seed
heads that extend above the surface; these plants can
be confused with emergent plants. Submerged plants are
usually flaccid and dependent on the water for support.
They generally do not have rigid stems like emergent
aquatic plants.

Hydrilla (Hydrilla verticillata), egeria (Egeria densa),
and Eurasian watermilfoil (Myriophyllum spicatum; see
Fig. 5) are examples of submerged aquatic plants that
have been spread to nonindigenous environments, where
they have caused severe problems in many parts of the
world (Fig. 6) (17). These species typically spread rapidly
by fragmentation, outcompete native species, and form
dense stands that limit access and impact many water use
activities.

In aquaculture, submerged aquatic vegetation can
cause problems by reducing the effective culture volume
of the production system, by entanglement of larvae, by
trapping feed, by restricting the dispersal of feed, and
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Myriophyllum spicatum
Eurasian watermilfoil

Figure 5. The Eurasian watermilfoil has spread to many
nonindigenous environments. (Used by permission from IFAS,
Center for Aquatic Plants, University of Florida, Gainesville,
1990.)
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by restricting or halting seining activities. Submerged
aquatic vegetation can cause oxygen depletions due to
nighttime respiration and die-offs. Submerged macro-
phytes that often cause problems in aquaculture include
naiads (Najas spp.; Fig. 7), pond weeds (Potamogeton spp.;
Fig. 8), coontail (Ceratophyllum demersum), and widgeon-
grass (Ruppia maritima). These macrophytes compete
with planktonic algae for nutrients and light (10). Usu-
ally the most critical factor regulating submerged aquatic
vegetation growth is turbidity.

Emergent Plants

Emergent, or emersed, plants are rooted aquatic plants
that have stems or leaves that are rigid enough to rise
above the surface of the water (13). Emergent aquatic
plants are usually shallow water (<3 m) or shoreline
inhabitants. Water lilies and lotus belong in this group,
but are seldom a problem in aquaculture. Species that
often cause problems in ponds include cattails (Typha
spp.), rushes (Juncus spp.; Fig. 9), sedges (Cyperus spp.),
spikerushes (Eleocharis spp.), water primrose (Ludwigia
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EGERIA

Figure 6. These species spread rapidly by frag-
mentation and form dense stands. (Used by per-
mission from IFAS, Center for Aquatic Plants,
University of Florida, Gainesville, 1990.)

spp.; Fig. 10), and water pennywort (Hydrocotyle ranun-
culoides; Fig. 11).

Like most other aquatic vegetation, emergent plants
can restrict access, reduce the effective culture volume,
interfere with feeding and seining, and the quality the
quality of the water.

MANAGEMENT METHODS

There is no single way to manage or control the wide range
of aquatic plants. Effective management efforts begin
with prevention. Once aquatic vegetation is established
then management measures can include mechanical or
physical, biological, and/or chemical control. Generally, an
integrated pest management (IPM) approach is the best
way to develop a sustainable, long-term aquatic strategy
for management of vegetation. IPM involves combining
or integrating several management methods to achieve
effective, long-lasting control. Obviously, all methods of
management must be compatible with the culture system
and species in production.
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Najas guadalupensis
Southern naiad

Figure 7. Naiads and other macrophytes compete with plank-
tonic algae for nutrients and light. (Used by permission
from IFAS, Center for Aquatic Plants, University of Florida,
Gainesville, 1990.)

Potamogeton diversifolius

Variable-leaved pondweed
Figure 8. Submerged aquatic plants such as pondweed can cause
oxygen depletion due to nighttime respiration and die-offs. (Used
by permission from IFAS, Center for Aquatic Plants, University
of Florida, Gainesville, 1990.)

Juncus effusus
Soft rush

Figure 9. Emergent species such as soft rush can interfere with
water access, feeding and seining. (Used by permission from IFAS,
Center for Aquatic Plants, University of Florida, Gainesville,
1990.)

Prevention

In pond culture, prevention includes proper pond location,
design, construction, and possibly, fertilization, stocking
of aquatic herbivores, and drawdowns.

Ponds should not be located where they will get heavy
runoff of organic matter. The enrichment of organic matter
from excessive livestock, fertilized fields, septic tanks, or
other sources tends to promote the growth of aquatic
vegetation. Filling ponds from surface-water sources that
have existing aquatic vegetation or receive heavy organic
enrichment can also cause problems.

Aquatic vegetation can be discouraged if ponds are
constructed with banks that slope quickly to a depth of
75 ¢cm or more. This depth, coupled with a good fertilization
program, can effectively shade most of the pond bottom
and minimize the area where rooted aquatic vegetation
can establish (10).

Shading by, and competition from, planktonic algae
for nutrients is possibly the best overall management
strategy for preventing rooted aquatic vegetation from
becoming established. While planktonic algal blooms
may not discourage all forms of emergent shoreline



Ludwigia repens
Red ludwigia

Figure 10. Water primrose and other emergent aquatic plants
usually inhabit shallow water or shoreline. (Used by permission
from IFAS, Center for Aquatic Plants, University of Florida,
Gainesville, 1990.)

vegetation, they will prevent submerged types and those
emergent weeds that establish themselves in deeper
water (19). Organic and inorganic fertilizers can be used
in pond environments to produce plankton blooms (12).
Fertilization techniques will vary depending on the species
cultured, chemical composition of the fertilizer, and
characteristics of the pond to be fertilized. However,
the initiation of a fertilization program after noxious
vegetation is established may increase the rapid growth
and spread of the problem species. Nontoxic chemical dyes
have also been developed that can be added to pond water
to reduce the penetration of light and suppress the growth
of aquatic plants.

Another common method to prevent some forms of
aquatic vegetation from establishing themselves is the
stocking of herbivorous fish. Grass carp (Ctenopharyn-
godon idella) are probably the most commonly stocked
herbivorous fish, but tilapia (e.g., Tilapia zillii), common
carp (Cyprinus carpio), and other less known species have
been utilized in the control of aquatic vegetation. (See the
section “Biological control.”)

Drawdowns are another method to control or prevent
certain aquatic vegetation problems. Winter drawdowns,
which expose shallow pond bottom areas to freezing and
desiccation can successfully prevent the establishment
and spread of many species of submerged vegetation (20).
Drawdowns are most effective if repeated for three to five
consecutive years.

Mechanical or Physical Control

Mechanical or physical control methods include the simple
removal of aquatic vegetation by hand (pulling, raking,
and seining), the use of mechanical cutters or harvesters,
and the use of physical barriers along the pond bottom (21).
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H. Umbellata

Hydrocotyle ranunculoides

Figure 11. Water pennywort is another emergent species. (Used
by permission from IFAS, Center for Aquatic Plants, University
of Florida, Gainesville, 1990.)

Pulling, raking, and seining usually work in aquaculture
ponds when aquatic vegetation is confined to a small area.
Mechanical cutters and harvesters are utilized in some
public waters, but are seldom used in aquaculture because
of the costs of these systems. Pond liners and bottom
barriers made from plastic sheets or woven fiberglass
cloth can be effective in eliminating rooted vegetation (22).
Liners and barriers are seldom used in aquaculture
because of the expense and incompatibility with some
species or culture techniques.

Biological Control

Biological control is usually desirable in aquaculture
because of the relatively low costs and the opportunity
to control vegetation without the use of chemicals.
Chemicals can in some cases stress the cultured organism,
contaminate its flesh, cause a deterioration in the quality
of water, or be directly toxic. While host-specific insects
(e.g., hydrilla fly and alligatorweed flea beetle) have
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been used to control some types of aquatic vegetation
in public waters, these methods are not generally utilized
in aquaculture. Biological control utilizing a desirable food
species is the most commonly practiced method of control of
aquatic vegetation in aquaculture. Using a desirable food
species also has the added benefit of producing another
saleable crop. However, consumption of feed, competition,
predation, or some other adverse effect of biocontrol agents
must be considered.

Crayfish (Procambarus, Orconectes, and Cherax spp.)
will control some types of submerged and emergent aquatic
vegetation if stocked singularly in ponds or with species
with which they are compatible (23). Stocking rates for
crayfish are usually between 28 to 84 kg/ha (25 to 75 1b/ac).

Fish species generally chosen for biological control are
the grass carp, tilapia, common carp, and a few other
native species used in specific regions like India (e.g., rohu,
Labeo rohita) or South America (e.g., pacu, Piaractus sp.)
that are not generally available in other regions.

The grass carp is a native of eastern China and
Siberia (24). It is a highly adaptable species that has
been introduced into many countries for the control of
aquatic vegetation. Grass carp tolerate a wide range of
environmental extremes in temperature, pH, dissolved
oxygen, and salinity (up to 7.5—8 ppt). They prefer soft
submerged vegetation, including filamentous algae, but
also control duckweeds (25). Grass carp will not reproduce
in ponds (i.e., stagnant water), so they must be stocked at
a density that will be sufficient to control the problem
vegetation. Stocking densities of grass carp for the
control of aquatic vegetation vary widely with the type
of vegetation, water temperature, weight of fish stocked,
and legal restrictions. Grass carp are generally stocked
between 12 to 100/ha (5 to 40/ac) to control aquatic
vegetation. In ponds containing predatory fish species,
grass carp should be large enough at stocking to preclude
predation.

Tilapia (Sarotherodon, Oreochromis, and Tilapia spp.)
have been used successfully in the control of some types of
aquatic vegetation. Tilapia are known to control filamen-
tous algae, duckweeds, watermeal, and most submersed
macrophytes if they are stocked or reproduce in sufficient
numbers. Stocking rates are usually around 200 mixed-
sex adults/ha (80/ac) (26). One drawback, or attribute
of tilapias (depending on your long-term goals), is their
inability to survive water temperatures below 55 °F (13 °C),
necessitating annually restocking them in temperate cli-
mates. Tilapia culture ponds seldom have aquatic vegeta-
tion problems. Mixed-sex tilapia are not usually stocked
in aquaculture situations with other species because of
their tendency to overpopulate and compete with more
desirable species. In a few cases tilapia have been stocked
for vegetation control along with predaceous fish species
that control the tilapia population.

Common carp, including Koi (C. carpio), will consume
filamentous algae and some types of soft, submerged
aquatic vegetation and duckweeds. Their benthic forag-
ing habit also uproots vegetation and increases turbidity
in ponds, effectively shading out submerged vegetation.
Common carp are usually stocked at 125 to 250/ha (50 to
100/ac). Common carp, like tilapias, can overpopulate a

pond quickly and are not generally used in aquaculture
for control of aquatic vegetation. Carp production ponds
seldom have submerged weed problems.

Ducks, geese, and swans will eat many types of aquatic
vegetation and will help reduce or control some aquatic
weeds (23). However, they are rarely desirable around
aquaculture facilities at the population levels that would
be required to control vegetation.

Many mammals, including cattle, water buffalo, goats,
swine, moose, nutria, muskrats, capybara, and manatee
eat aquatic plants. Cattle, water buffalo, swine, and
goats can be grazed on emergent and marginal plants
around ponds. Unlike cattle, water buffalo, and swine,
goats are particularly effective in controlling many
emergent and brush species without damaging dams and
levees. The burrowing habits of nutria and muskrats are
problematic around aquaculture facilities, and therefore,
those mammals are usually discouraged from inhabiting
areas near such facilities.

In many countries, the introduction of species like
the grass carp, tilapia, and other nonindigenous fishes
is regulated. Development of techniques to produce sterile
individuals of these species (e.g., triploid grass carp) have
led to the legalization of these sterile fishes in many
countries (or states) where normal representatives of
the species are illegal. Before stocking these species the
aquaculturist should check local regulations.

Chemical Control

Most countries have an approval process for all pesticides,
including aquatic herbicides. In some cases, registered
herbicides differ from country to country. For purposes
of this discussion, aquatic herbicides registered by the
U.S. Environmental Protection Agency are presented. In
general, herbicides should be considered a temporary
solution. Many weed species will return, unless an
integrated management approach is used. In most cases
in aquaculture, herbicides are used as a temporary control
measure while preventive, mechanical, or biological
methods for long-term solutions are sought.

Herbicides are usually classified on the basis of
their properties, including absorption, selectivity, and
plant processes affected (27). Absorption properties are
characterized as either contact or systemic herbicides.
Contact herbicides (copper, diquat, and endothall) act
quickly and generally kill all plants that they come in
contact with. Contact herbicides are most effective on
annual plants, but often multiple treatments are necessary
to control perennial vegetation. Systemic herbicides (2,4-
D, fluridone, and glyphosate) are absorbed and move
within the plant to a site at which they go into action.
Systemic herbicides tend to act more slowly, but are
generally more effective against perennial and woody
vegetation.

Selectivity refers to whether a herbicide affects
certain plant species more than others. Physical factors,
application methods, formulations, and morphological
characteristics of the target plant can influence selectivity.
Herbicides that are toxic to any plant are nonselective
and often referred to as “broad spectrum.” Broad
spectrum herbicides include copper, diquat, endothall, and



glyphosate. The truly selective herbicides are fluridone
and 2,4-D.

Plant processes affected by herbicides include tissue
development, respiration, photosynthesis, and enzyme
activity. Herbicides that disrupt tissue development
(2,4-D) are also called plant growth regulators and
cause abnormal tissue development. Plant respiration
is disrupted by endothall herbicides. Photosynthesis is
disrupted by copper compounds, diquat, and fluridone.
Glyphosate disrupts the enzymes involved in nitrogen
metabolism.

Herbicide formulations can be liquid, powder, or gran-
ular. All herbicides carry warnings regarding drinking
water, livestock watering, swimming, fish consumption,
and irrigation (14). Local, state, or national laws may also
require special certification or notification requirements
when utilizing certain herbicides. Label directions and
precautions must be followed completely.

Factors that can affect herbicidal control include
temperature, light intensity, water quality variables (e.g.,
pH, alkalinity, hardness, and turbidity), and seasonal
timing. Herbicide labels contain important information
regarding interactions with water quality and treatment
timing. Generally herbicides are most effective if applied
while plants are actively growing, under sunny conditions,
and when water temperatures are above 16°C (60°F).
Some species are best controlled before they seed (e.g.,
alligatorweed) while others are best controlled late in
the growing season when they are actively storing food
reserves in their roots (e.g., cattails and willows).

Probably the most common problem in chemical control
is failure to accurately calculate the area or volume
to be treated (28,29). This results in either limited or
no control due to inadequate or excessive concentration.
Overdosing can cause rapid vegetation die-off, leading to
oxygen depletion and stress or mortality of the cultured
organisms. An overdose may also be directly toxic to the
cultured species.

Most of the herbicides discussed here (except for
possibly copper and some endothalls) are not themselves
toxic to fish if used according to label directions. However,
the danger of treating with any herbicide is that
the decomposing vegetation will cause a reduction in
dissolved oxygen. Bacterial and fungal respiration during
decomposition can reduce dissolved oxygen to critical or
lethal levels for cultured species (30). The risk of depletion
of oxygen can be reduced by treating only a portion of the
pond at a time (usually less than 25%) and then allowing
the treated vegetation to decompose before continuing the
treatment. Usually 10 to 14 days are sufficient to allow for
decomposition. In many cases the lowest dissolved oxygen
levels will occur 7 to 10 days after treatment. Providing
mechanical aeration during and after herbicide treatments
can be critical.

The first step in chemical control is the accurate
identification of the aquatic weed or weeds to be
controlled. Herbicides that work on one species often
will not be effective on other similar species. The second
most important step in chemical control of vegetation
is to carefully follow all directions on the herbicide
label. Table 1 gives specific recommendations on the
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effectiveness of selected aquatic herbicide formulations
on specific types of aquatic vegetation.

Copper Compounds

Copper sulfate, or “blue stone,” is a commonly available
inorganic copper compound. Complexed copper compounds
bind copper sulfate to carrier molecules that keep
the active copper in solution longer. Chelated copper
compounds contain copper, but are organic compounds.
Copper compounds are contact herbicides that interfere
with photosynthesis and are generally effective on algae
and a few submerged weeds but have few water use
restrictions.

Copper sulfate is very corrosive to metals (e.g., steel)
and can irritate eyes and nasal passages. The effectiveness
of copper sulfate depends on the alkalinity of the water.
In waters of less than 50 ppm total alkalinity as CaCOs,
the amount that will kill algae may also kill fish. Some
species, like rainbow trout (Oncorhynchus mykiss), are
very sensitive to copper and are easily killed. At high
alkalinity (>200 ppm) copper sulfate is often not effective
because it precipitates too quickly.

Chelated copper compounds are somewhat less toxic
to fish and less corrosive. Chelated copper compounds
are available in liquid and granular formulations but are
more expensive than copper sulfate. However, chelated
copper compounds are more stable in water and generally
are active longer in water than inorganic copper. Check
the product label for water use restrictions and other
precautions.

2,4-D Compounds

Many different herbicides contain 2,4-D, but only a few are
approved and labeled for aquatic use. 2,4-D is a selective,
systemic herbicide that is effective on some aquatic
broadleaf vegetation. It is available in granular and
liquid formulations. Granular formulations are relatively
nontoxic to fish and will control many submerged and
some emergent (e.g., watershield and waterlilies) types
of vegetation. Liquid formulations are generally used to
control emergent vegetation. The liquid ester formulations
are often more toxic to fish than the other forms. Check
the product label for water use restrictions and other
precautions.

Diquat Compounds

Diquat compounds are contact herbicides that interfere
with photosynthesis and are only available in liquid
formulations. Diquat is effective in controlling most
filamentous algae and many submerged plants if injected
uniformly into the water column. It is also effective on
duckweed and other floating plants if sprayed directly
on the plant with the addition of a registered aquatic
surfactant.

Diquat is rapidly tied up or neutralized by clay particles
or organic matter in the water. Therefore, diquat is only
used in clear and nonmuddy waters. Diquat is often mixed
with chelated copper compounds or endothall to broaden
the variety of aquatic vegetation controlled. Diquat can
cause severe eye damage and must be used with caution.
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Table 1. Treatment Response of Common Aquatic Plants to Registered Herbicides and Grass Carp®

Aquatic Herbicide?
Copper and Aquathol

Aquatic Group Copper Reward  Hydrothol Rodeo Sonar
and Vegetation Complexes 2,4-D (diquat) (endothall) (glyphosate) (floridone) Grass Carp
Algae

Planktonic E P P G* P P

Filamentous E P G Ge—Ppd P P F

Chara/Nitella E P P G¢-P¢ P P G
Floating plants

Duckweeds P Ff G P P E F

Salvinia P G G P E P

Water hyacinth P E E G P

Watermeal P F F G P
Submerged plants

Coontail P G E E P E F-G

Elodea P E F P E E

Fanwort P F G E P E F

Naiads P F E E P E E

Parrotfeather P E E E F E G

Pondweeds P P G E P E E
Emergent plants

Alders P E F P E P

Arrowhead P E G G E

Buttonbush P F F P G P

Cattails P F G P E F

Common reed P F F E F

Waterlilies P Ee¢ P G E

Frogbit P E E

Pickerelweed P G G F P

Sedges and rushes P F F G P

Slender spikerush P G P G

Smartweed P E F E F

Southern watergrass P P E G

Water pennywort P G G G P

Water primrose P E F P E F

Willows P E F P E P

%Registered as of 4/99 by the U.S. Environmental Protection Agency (EPA).
bE = excellent control, G = good control, F = fair control, P = poor control, a blank space indicates unknown weed response.

¢Hydrothol formulations.

4 Aquathol formulations.
¢Granular 2,4-D formulations.
Liquid 2,4-D formulations.

Check the product label for water use restrictions and
other precautions.

Endothall Compounds

Endothall compounds are contact herbicides that interfere
with plant respiration. They are available in liquid and
granular formulations. These herbicides are effective in
controlling many types of submerged aquatic vegetation.
Endothalls are applied over the surface or injected
uniformly below the water surface. Endothalls generally
work best in the spring when vegetation is actively growing
and water temperatures are around 18°C (65°F). The
Aquathol formulations work best on submerged aquatic
vegetation, while the Hydrothol formulations are most
effective for algae control. Hydrothol can be toxic to fish
and is seldom used in culture situations. Check the product
label for water use restrictions.

Glyphosate Compounds

Glyphosate is a liquid systemic herbicide that disrupts
enzymes important in nitrogen metabolism. Glyphosate
must be applied directly to the dry foliage of vegetation. It
will control many floating and emergent types of aquatic
vegetation. A registered aquatic nonionic surfactant must
be added to glyphosate for it to be effective in aquatic
situations. Rate and time of application of glyphosate
depends on the targeted species. Check the product label
for water use restrictions.

Fluridone Compounds

Fluridone is a systemic herbicide that controls most
submerged and many emergent species of aquatic
vegetation. It comes in granular and liquid formulations
that can be sprayed, broadcast, or injected into the water.



Fluridone is slow acting and should not be applied in
flowing water. It can injure desired shoreline vegetation if
their roots extend into the water. Check the product label
for water use restrictions.

CONCLUSIONS

Noxious aquatic vegetation is usually a reccurring problem
in aquaculture. It is difficult to find any control that
has no ecological, sociological, or economic drawbacks.
For this reason an integrated approach is best, but
most integrated approaches are site specific and must
be developed individually by each aquaculturist.

The main reasons aquatic vegetation control fails are
(1) misidentification of the problem species, (2) misapplica-
tion of the control technique (e.g., chemical), and
(3) miscalculation of the area or volume of the treat-
ment site. Pond managers that correctly address these
three tenets should substantially improve their aquatic
vegetation control success.
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With the exception of North America, Australia has
the largest and most diverse freshwater crayfish fauna
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in the world. Over 100 species of crayfish live in
Australian rivers, lakes, and swamps. All Australian
crayfish belong to the family Parastacidae. Aquaculture
interest has been directed toward three species, Cherax
tenuimanus, or marron, C. albidus-destructor, or yabbie,
and C. quadricarinatus, or red claw (1). Of these three
species, the red claw is considered to have the best traits
for commercial aquaculture and has been the primary
species cultured outside of Australia on a commercial
scale (2). Scientists did not become aware of the red claw’s
potential for culture until the mid-1980s. Since then, the
red claw has been introduced to many countries in the
Americas and Southeast Asia.

Red claw crayfish are native to northern Australia.
They are reported to reach a maximum size of 400 to
600 g (0.9 to 1.31b) and attain sizes of 50 to 100 g (1.8
to 3.5 0z) in six months (2-5). Red claws reach sexual
maturity at about six to eight months of age and are
considered to be multiple spawners, spawning three to
five times a year (4,6). Reproduction is easily obtained
in tanks and ponds under culture conditions. Red claw
crayfish are tolerant of a wide range of water quality
conditions commonly occurring in culture operations. They
survive water temperatures between 12 and 34 °C (54 and
93 °F), but grow best within a range of 22 to 30°C (71.6 to
86°F) (2). Red claws are reported to be nonburrowers;
however, some have been reported to make shallow
burrows (3,7).

INDOOR HATCHERIES FOR RED CLAW CRAYFISH

Spawning

Red claw crayfish will not survive winter conditions in cool,
temperate climates, so indoor spawning techniques are
needed in such areas. The photoperiod and temperature
have a significant influence on spawning rates (8).
Spawning activity begins at about 20°C (68°F) and
increases until about 30°C (86°F). Average monthly
spawning rates at 28°C (83 °F) may range from 15% with
less than 12 hours of light to over 35% with more than
12 hours of light. Peak spawning occurs with day lengths
of 14 hours, but high spawning rates can be maintained
only for about three months (9).

Evaluation of the effects of stocking density and sex
ratios on red claw reproduction in indoor tanks indicates
no suppression of spawning at densities from 20 to 32 red
claw brooders/m? (10.8/brooders/ft?) (8,10). Male-to-female
sex ratios from 1:1 to 1:5 have been used successfully (8).
The size of the males does not appear to affect spawning
success when the males are within 28 g (1 oz) of each
other, but mixed sizes (small, medium, and large, together)
results in as much as a 49% reduction in spawning success.
The size of the females does not appear to affect spawning
activity, as long as mature females are used (10).

Mature red claw crayfish accept a wide variety of
feeds, from fresh vegetable matter to chopped meats
and manufactured diets. They are slow feeders, usually
foraging for food throughout the afternoon and early
evening. Varying dietary protein levels, from 30 to 45%
and the addition of supplements such as beef liver or

soybeans were found to have no effect on the number of
eggs per spawn, but did decrease mortality rates, because
of cannibalism among broodstock (10).

After spawning, females carry their eggs attached to
their pleopods until the eggs hatch. At 28°C (83°F),
incubation requires as few as 30 days (11), but has
lasted 40 to 70 days under different environmental
conditions (4,10,12). During incubation, changes in egg
color appear to be consistent and predictable (4,11): Eggs
are cream colored when first spawned, khaki or olive green
after one weeks, dark brown after two weeks, reddish after
three weeks, and hatch after four weeks. After hatching,
juveniles cling to the female’s pleopods for 7 to 10 days
before dispersing.

Fecundity is an important part of the measurement of
the reproductive potential of a culture animal. Fecundity
in crayfish is usually defined as the number of eggs
produced per spawn. Female red claw crayfish with newly
spawned eggs bear an average of 10 eggs/g (284 eggs/oz) of
the female’s body weight (11). About 30% of the eggs are
lost during incubation, resulting in an average of 7 eggs/g
(200 eggs/oz) of the female’s body weight at hatching (11).
Broodstock held under stressful conditions and first-time
spawners usually have fewer eggs.

Juvenile Rearing

Spawning in indoor tanks has been relatively successful,
but rearing juveniles at high densities has been more
difficult. Stocking densities from 50 to 1,250 juveniles/m?
(10.8 juveniles/ft?) have been reported (13). With good
rearing conditions, survival rates range from 84 to 95%
at densities up to 250 juveniles/m? (10.8 juveniles/ft?),
but decreased rapidly at higher densities. Final juvenile
weights were significantly higher at densities of 100
juveniles/m? (10.8 juveniles/ft2) and lower. No difference in
final juvenile weights at densities of 250 juveniles/m? (10.8
juveniles/ft?) and greater have been found (13). The use of
additional substrate such as window screen or netting, and
size grading after four weeks has been used to increase
the survival rate (13). Commercially available diets for
juveniles have been evaluated, and the best results (80%
survival after 28 days) have been obtained by feeding the
juveniles commercial shrimp pellets, supplemented during
the first week with Artemia nauplii (14). Dietary levels of
33% protein appear to be adequate for juveniles in indoor
systems (15,16).

Red claw crayfish juveniles have the ability to
regulate their oxygen consumption rate over a wide
range of environmental conditions, yet do not utilize
anaerobic pathways to withstand hypoxic or anoxic
conditions (17). Weight gain and survival have occurred
over a temperature range from 16 to 32°C (61-90 °F), but
maximum weight gain and survival have been observed
at 28°C (82°F) (17). Weight gain and survival have also
been observed over a salinity range from 0 to 20 ppt, but
are reduced at a salinity of 5 ppt and above (17,18).

Juvenile red